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Bacterial assemblages within biofilms are an integral component of stream 
ecosystems, influencing carbon (C), nitrogen (N) and phosphorus (P) cycling. 
Anthropogenic impacts on bacterial assemblages may thus have important implications 
for stream biogeochemistry. My research examined how nutrients and pharmaceuticals, 
ubiquitous pollutants in streams worldwide, affect bacterial assemblages in stream 
biofilms. First, I examined the effects of experimental nutrient (nitrogen [N], phosphorus 
[P], iron) and pharmaceutical (caffeine, diphenhydramine) additions on biofilm bacterial 
microbiomes (taxa present in at least 75% of samples of a contaminant treatment). 
Pollutants structured bacterial microbiomes: nutrients enabled fast-growing taxa to 
dominate, pharmaceuticals enhanced richness and supported unique taxa known for their 
ability to degrade contaminants and nutrients plus pharmaceuticals fostered microbiomes 
with unique cyanobacterial taxa. These results demonstrate the potential for these two 
ubiquitous pollutants to uniquely influence the structure of biofilm bacterial assemblages. 
Next, I examined bacterial assemblages influencing two nutrient-cycling processes using 
DNA stable isotope probing (DNA-SIP), a technique which identifies taxa assimilating 
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isotopically labeled substrates by tracking the movement of an isotopic label into 
bacterial DNA. I performed a 13C-hemicellulose DNA-SIP experiment to identify and 
compare taxa that assimilated this common organic C compound under N and/or P 
enriched conditions. N and P distinguished C metabolizing assemblages, with N enabling 
a small number of bacteria to dominate assemblages and P enhancing richness and 
stability. Stoichiometrically-balanced N and P additions moderated the distinctly different 
effects of N and P added alone, as C metabolizers in combined N and P addition 
treatments were similar to those in controls which did not receive nutrient additions. 
These results suggest changes in the absolute and relative amount of N and P associated 
with nutrient pollution may uniquely influence bacterial assemblages contributing to 
organic C processing.  Third, I performed a 15N DNA-SIP experiment to identify and 
compare biofilm bacterial assemblages assimilating different inorganic (15N-ammonium 
[15NH4
+], 15N-nitrate [15NO3
-]) and organic (15N-glycine) forms of N. Distinctly different 
assemblages metabolized the three N forms: 15NH4
+ was metabolized by low abundance 
taxa while 15NO3
- was metabolized by a rich and stable assemblage. 15N-glycine 
metabolism stimulated several families which were rare in baseline biofilms not exposed 
to 15N. Together, the results of my research demonstrate the distinct effects of nutrients 
and pharmaceuticals on bacterial microbiomes and identify bacterial assemblages 
contributing to C and N cycling in stream environments, enhancing understanding of how 
anthropogenic activities influence biofilm bacterial assemblages and, consequently, 
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Bacteria within biofilms are an essential component of stream ecosystems, 
influencing the movement of carbon (C), nitrogen (N), and phosphorus (P) in watersheds. 
To better understand the ecological effects of human activities on stream ecosystems, my 
research examined how nutrients and pharmaceuticals, common pollutants in streams 
worldwide, influence bacterial assemblages in stream biofilms. First, I tested how 
nutrients (N, P, iron) and pharmaceuticals (caffeine, diphenhydramine) influenced 
biofilm bacterial microbiomes (taxa present in at least 75% of samples of a contaminant 
treatment). Nutrients allowed taxa known for their ability to thrive in nutrient-rich 
environments to dominate microbiomes, pharmaceuticals supported a rich microbiome 
that included unique taxa with contaminant-degrading abilities, and nutrients plus 
pharmaceuticals fostered microbiomes with unique cyanobacterial taxa. The distinctly 
different effects of nutrients and pharmaceuticals on bacterial microbiomes contribute to 
our understanding of the unique ecological ramifications of these two common pollutant 
classes. Next, I examined bacterial assemblages contributing to two nutrient cycling 
processes using DNA stable isotope probing (DNA-SIP), a technique which identifies 
bacteria that use an isotopically-labeled compound by tracking the movement of an 
isotopic label into bacterial genetic material. I performed a 13C-hemicellulose DNA-SIP 
experiment to identify and compare bacteria which assimilate this common organic C 
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compound under N and/or P enriched conditions. N and P had distinctly different effects 
on bacterial assemblages metabolizing 13C-hemicellulose. N enabled certain abundant 
taxa to dominate, P enhanced assemblage richness and stability, and N plus P supported 
C metabolism by families which were abundant in initial assemblages. My results 
demonstrate the potential for changes in the absolute and relative amount of N and P to 
uniquely influence bacterial assemblages contributing to organic C processing. Last, I 
performed a DNA-SIP experiment to identify and compare bacteria which metabolized 
inorganic (15N-ammonium [15NH4
+], 15N-nitrate [15NO3
-]) and organic (15N-glycine) N 
forms in streams. 15NH4
+ was generally metabolized by low and variably abundant 
families, 15NO3
- was metabolized by a rich assemblage which included a family known to 
be able to assimilate this less preferred N form and 15N-glycine stimulated families which 
were rare in baseline assemblages. These results suggest distinctly different bacterial 
assemblages may remove different inorganic and organic N forms from stream water 
columns. Overall, my results provide insight into how anthropogenic pollutants influence 
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Freshwaters worldwide are polluted by a multitude of anthropogenic chemicals 
(Vörösmarty et al., 2010).  Between 1970 and 2000, global riverine exports of total 
nitrogen (N) increased by nearly 20% and exports of total phosphorus (P) by more than 
10% (Seitzinger et al., 2010).  In addition to nutrients, a wide variety of synthetic 
chemicals such as pharmaceuticals, pesticides, and other organic compounds have been 
detected in freshwaters worldwide (Hughes et al., 2012; Kolpin et al., 2002).  Incredibly, 
the quantity of pharmaceuticals released into ecosystems is increasing at a similar rate to 
that of global N fertilizer use (Bernhardt et al., 2017). As pollution is recognized as one 
of the most important factors causing change to freshwater ecosystems and biodiversity 
worldwide (Millennium Ecosystem Assessment, 2005), research to enhance our 
understanding of the ecological ramifications of pollutants will strengthen our ability to 
address this issue. 
Bacteria within stream biofilms underlie stream biogeochemical processes (Battin 
et al., 2016; Besemer, 2015), potentially serving as a critical link between anthropogenic 
pollutants their effects on stream ecosystems. Biofilms attached to stream surfaces project 
into the water column, temporarily slowing the downstream movement of water and 
providing bacteria with the opportunity to metabolize nutrients within the water column. 
Biofilms are hotspots of organic carbon (C) processing, as bacteria contribute to the 
degradation of allochthonous organic C entering from terrestrial environments and 
autochthonous organic C produced by stream primary producers (Battin et al., 2016).  In 
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addition to C, biofilm bacteria may also remove nitrogen and phosphorus from the water 
column, temporarily storing the nutrients as biomass through assimilatory processes, or 
transforming and removing nutrients through energy-yielding dissimilatory processes 
(Bernot and Dodds, 2005; Mulholland et al., 2008; Ribot et al., 2017). In streams 
impacted by human activities, biofilm bacteria may also contribute to the degradation of 
certain pollutants, such as pharmaceuticals like caffeine, nicotine, and ibuprofen (Bradley 
et al., 2007; La Farre et al., 2008; Winkler et al., 2001). 
Stream biofilms have informed our current understanding the ecological effects of 
nutrient pollution.  Human activities have dramatically altered nutrient chemistry in 
streams worldwide, as fertilizer run-off, atmospheric deposition, municipal sewage, and 
other anthropogenic sources have increased nutrient loads and altered the relative 
amounts of different forms of these nutrients (Glibert, 2017; Sutton et al., 2013).  As N 
and P may naturally be found at low concentrations that limit biofilm growth and activity 
(Francoeur, 2001; Johnson et al., 2009), nutrient pollution can stimulate excessive 
microbial growth in streams and downstream waters, leading to reductions in dissolved 
oxygen concentrations and a host of negative ecological effects (Dodds, 2006).  Efforts to 
address stream nutrient pollution have historically sought to identify whether N and/or P 
limit biofilm growth using nutrient diffusing substrates (NDS; Tank et al., 2007). NDS 
expose growing biofilms to experimental N and/or P additions and any nutrient(s) which 
elicit a positive response relative to controls are considered to be limiting. NDS studies 
have shown that human land-use and associated changes in stream nutrient 
concentrations can reduce or alleviate biofilm nutrient limitation (Beck et al., 2017; 
Johnson et al., 2009; Reisinger et al., 2016; Tank and Dodds, 2003).  The majority of 
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NDS studies have measured and documented nutrient effects on biofilm biomass (Beck et 
al., 2017), while a small number of studies have documented effects of nutrient additions 
on biofilm functional processes, such as gross primary production (Reisinger et al., 
2016), respiration (Hoellein et al., 2010; Johnson et al., 2009), and N-fixation (Marcarelli 
and Wurtsbaugh, 2006).   
In addition to nutrient pollution, stream biofilms have informed our understanding 
of the effects of pharmaceutical pollution. Like nutrients, pharmaceutical pollution is 
intimately linked to human activities, as pharmaceuticals enter streams through 
wastewater treatment plant effluent, leaky sewage infrastructure, or agricultural land-use 
due to veterinary use (Daughton and Ternes, 1999; La Farre et al., 2008). Although 
typically found at low concentrations (ng L-1 to ug L-1), pharmaceuticals are designed to 
be biologically active (Daughton and Ternes, 1999) and may thus have important effects 
on stream biofilms.  Efforts to understand the effects of pharmaceuticals on stream 
biofilms have employed contaminant exposure substrates (CES), devices modeled from 
NDS that contain pharmaceuticals rather than nutrients (Costello et al., 2016). CES 
studies have demonstrated that biofilm biomass and function are sensitive to a variety of 
pharmaceuticals, such as caffeine, diphenhydramine, and cimetidine (Rosi-Marshall et 
al., 2013; Shaw et al., 2015).  Pharmaceuticals can have inhibitory effects, as one CES 
study found that caffeine and diphenhydramine reduced algal biomass by 22% and 
respiration by over 50% (Rosi-Marshall et al., 2013).  Pharmaceuticals may also serve as 
a C and/or N source to taxa that are capable of degrading the compounds.  Caffeine, 
which certain bacteria can degrade, increased bacterial biomass and biofilm thickness by 
over 30% in riverine biofilms (Lawrence et al., 2005). 
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Research examining the effects of pollutants on the composition of biofilm 
bacterial assemblages can complement our current understanding of pollutant effects on 
biofilm biomass and function. Advances in DNA sequencing technology over the last two 
decades have revealed tremendous levels of microbial biodiversity missed by cultivation-
dependent methods (Steen et al., 2019). In fact, the majority of bacteria and archaea 
likely remain uncultured (Hug et al., 2016; Steen et al., 2019). Although NDS and CES 
studies have documented effects of nutrients (Hoellein et al., 2010) and pharmaceuticals 
(Lawrence et al., 2005; Rosi-Marshall et al., 2013) on biofilm assemblage composition, 
much remains to be explored.  For example, although nutrients and pharmaceuticals enter 
streams through similar sources (i.e., sewage, wastewater treatment effluent), the relative 
and combined effects of these co-occurring pollutants and the potential influence of land-
use are not well understood. Further, existing aquatic studies that measure total 
assemblage composition may fail to capture functionally-relevant composition changes, 
as dormant taxa can comprise a substantial portion of the assemblages (Lennon and 
Jones, 2011). In nutrient-poor lakes, dormant taxa contributed to up to 40% of bacterial 
assemblage richness (Jones and Lennon, 2010). Although not widely used in streams, 
DNA stable isotope probing (DNA-SIP) has tremendous potential to reveal the microbial 
taxa actively contributing to a function of interest by tracking the movement of a specific 
isotopically-labeled substrate into microbial DNA (Neufeld et al., 2007). 
My research focused on the effects of anthropogenic activities on bacterial 
assemblages in stream biofilms. First, I used CES to examine how nutrients (N, P, iron) 
and pharmaceuticals (caffeine, diphenhydramine) affect the bacterial microbiome in 
montane and urban stream biofilms in three watersheds in northern Utah (Chapter II: 
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Nutrients and Pharmaceuticals Structure the Bacterial Microbiome of Urban and Montane 
Stream Biofilms). Next, I used DNA-SIP to examine biofilm bacterial assemblages 
contributing to two nutrient cycling processes. I performed a 13C-hemicellulose DNA-SIP 
experiment to identify and compare bacterial assemblages that metabolized this common 
organic C compound under N and/or P enriched conditions (Chapter III: Stream Nutrients 
Create Distinct Bacterial Biofilms Metabolizing Organic Carbon). I performed a 15N 
DNA-SIP experiment to compare bacterial assemblages that assimilated inorganic and 
organic N forms (Chapter IV: Are Stream Biofilm Bacteria Particular About the Form of 
Nitrogen They Assimilate?).   
As nutrient and pharmaceutical pollution are expected to increasingly impact 
streams worldwide (Bernhardt et al., 2017; Sutton et al., 2013), there is a clear need to 
continue efforts to advance our understanding of these problems. Bacterial assemblages 
in stream biofilms are integral to stream biogeochemical cycling, serving as an important 
link between anthropogenic pollutants and their ecosystem effects (Finlay et al., 1997; 
Graham et al., 2016; Liu et al., 2019).  My research aimed to enhance understanding of 
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NUTRIENTS AND PHARMACEUTICALS STRUCTURE THE BACTERIAL 
MICROBIOME OF URBAN AND MONTANE STREAM BIOFILMS 
 
Abstract Bacteria in stream biofilms contribute to stream biogeochemical processes 
and are potentially sensitive to the substantial levels of pollution entering urban streams.  
To identify the effects of nutrient and pharmaceutical pollution on biofilm bacteria, we 
exposed growing biofilms to experimental additions of nutrients (nitrogen [N], 
phosphorus [P], and iron [Fe]), pharmaceuticals (caffeine and diphenhydramine), and 
nutrients plus pharmaceuticals at montane and urban sites in three catchments in northern 
Utah, USA.  We then identified and compared bacterial microbiomes for each 
contaminant treatment by land-use combination by selecting all taxa that occurred in at 
least 75% of the samples in a specific grouping.  Montane and urban land-use 
distinguished bacterial microbiomes, while nutrients and pharmaceuticals had subtle, but 
nonetheless distinct effects.  Nutrients enhanced the dominance of already abundant 
copiotrophs (i.e., Pseudomonadaceae [Gammaproteobacteria] and Comamonadaceae 
[Betaproteobacteria]) within bacterial microbiomes at montane and urban sites.  In 
contrast, pharmaceuticals fostered species-rich microbiomes containing unique 
contaminant-degrading taxa within Pseudomonadaceae and Anaerolineaceae 
(Chloroflexi).  Surprisingly, even at urban sites containing ambient pharmaceutical 
pollution, pharmaceutical additions increased microbiome richness, specifically within 
DR-16 (Betaproteobacteria), WCHB1-32 (Bacteroidetes), and Leptotrichiaceae 
(Fusobacteria). When both pollutants were combined, nutrients exerted greater selective 
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force, creating microbiomes more closely resembling those under nutrient rather than 
pharmaceutical addition, and promoting unique Oscillatoriales (Cyanobacteria) taxa in 
urban streams.  Our results show that additions of N, P, and Fe intensified the dominance 
of already abundant copiotrophs, while additions of caffeine and diphenhydramine 
enabled unique taxa associated with contaminant degradation to participate in bacterial 
microbiomes. Further, biofilm bacteria at urban sites remained sensitive to 
pharmaceuticals commonly present in waters, suggesting a dynamic interplay among 
pharmaceutical pollution, bacterial diversity, and contaminant degradation. 
 
Keywords: water quality1, stream biofilms2, nutrients3, pharmaceuticals4, bacteria5, 






Biofilms house the primary form of bacterial life in freshwater streams (Battin et al., 
2016; Costerton et al., 1978; Geesey et al., 1978; Lock et al., 1984).  Biofilms form from 
single or co-aggregated microbial cells attaching to stream benthic surfaces, forming 
chain-like microcolonies that coalesce into larger and more complex communities of 
bacteria, archaea, algae, fungi, protozoa, and viruses embedded in a polysaccharide 
extracellular matrix (Battin et al., 2016, 2007; Besemer, 2015; Besemer et al., 2012).  
Upstream biological propagules of dispersing bacteria enter the water column from soils 
and tributaries within the surrounding catchment and contribute to burgeoning biofilms. 
Typically, biofilms are dominated by taxa from three main phyla: Proteobacteria, 
Bacteroidetes and Cyanobacteria (Besemer, 2015) and natural physiochemical water 
conditions such as pH, water temperature, and dissolved organic carbon concentrations 
influence biofilm bacterial composition (Besemer, 2015).  For example, stream bacterial 
communities were strongly correlated with stream water pH across the 3000-ha Hubbard 
Brook watershed in New Hampshire, USA, where an increase in stream water pH was 
associated with an increase in the relative abundance of Proteobacteria and decrease in 
Acidobacteria (Fierer et al., 2007b).  In addition to natural river conditions, contaminants 
associated with human activities may dramatically alter biofilm bacterial biomass and 
composition. 
Nutrients entering streams and rivers through wastewater, fertilizers, and atmospheric 
deposition (Carey et al., 2013) are major freshwater contaminants with potential to alter 
bacterial communities.  Human activities have dramatically enhanced global nitrogen (N) 
and phosphorus (P) cycles (Falkowski et al., 2000), with global riverine exports of 
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dissolved inorganic N and P estimated to have increased by about 30% between 1970 and 
2000 (Seitzinger et al., 2010).  Nutrient pollution is recognized as a leading contributor to 
water quality impairment (Withers et al., 2014) and can have important consequences for 
stream bacteria.  The growth of aquatic heterotrophs and oxygenic phototrophs is often 
limited by the availability of N and P, and to a lesser extent iron (Fe) required for 
photosynthesis (Larson et al., 2018; Van Horn et al., 2011).  Further, nutrients may alter 
bacterial composition as taxa differ in their ability to thrive under various nutrient 
conditions (Fierer et al., 2007a).  Among Proteobacteria, one of the major constituents of 
stream biofilms, Betaproteobacteria and Gammaproteobacteria contain many 
opportunistic or copiotroph species that thrive in nutrient-rich conditions (Fierer et al., 
2007a; Shi et al., 1999), while Alphaproteobacteria may thrive in oligotrophic waters 
(Pinhassi and Berman, 2003).  In heterotrophic biofilms grown in stream mesocosms, a 
10-fold increase in nutrient concentrations led to a 20-fold rise in biomass and enhanced 
the abundance of copiotrophic heterotrophs such as Betaproteobacteria and 
Gammaproteobacteria taxa (Van Horn et al., 2011).  Urban nutrient run-off in the cities 
surrounding the Jialing River, China, has dramatically altered biofilms with elevated 
levels of P, nitrate, and Fe explaining 63.0% of the variation within bacterial 
communities (Wang et al., 2018). 
Like nutrients, pharmaceuticals are ubiquitous in human impacted surface waters (Kolpin 
et al., 2002; Pal et al., 2010) and can alter biofilm bacterial biomass and composition 
(Lawrence et al., 2005; Rosi et al., 2018; Rosi-Marshall et al., 2013).  Pharmaceutical 
pollution is also a global issue: pharmaceuticals or their transformation products are at 
least detectable in many aquatic ecosystems of seventy-one countries on all continents 
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(Beek et al., 2016). Although typically detected at trace concentrations in freshwaters (ng 
L-1 to µg L-1; Kolpin et al., 2002; Pal et al., 2010), many pharmaceuticals are designed to 
be biologically active at even low doses and consequently, are expected to have negative 
effects on non-target organisms, such as bacteria.  Caffeine, a stimulant found in a variety 
of beverages (e.g. coffee, tea, soft drinks, and energy drinks) and medications and 
diphenhydramine, an antihistamine, are both particularly prevalent pharmaceutical 
pollutants in freshwaters (Kolpin et al., 2002) with both altering biofilm bacteria.  
Exposure to high experimental caffeine and diphenhydramine additions decreased 
respiration of heterotrophic biofilms by 53% and 63%, respectively (Rosi-Marshall et al., 
2013).  The same study also found that diphenhydramine reduced the relative abundance 
of Flavobacterium, a common constituent of stream biofilms (Besemer et al., 2012), but 
increased the abundance of durable Pseudomonas species (Gammaproteobacteria), a 
genus known for its ability to degrade high molecular weight organic compounds 
(Dastidar et al., 1976; Palleroni, 2010; Rosi-Marshall et al., 2013), suggesting that 
pharmaceuticals may have negative effects on sensitive taxa but positive effects on taxa 
capable of degrading recalcitrant compounds.  Indeed, caffeine, which may serve as the 
sole carbon (C) and N source for certain bacteria, increased bacterial biomass and biofilm 
thickness by over 30% in biofilms from the Saskatchewan River, Canada (Lawrence et 
al., 2005).  Pharmaceutical pollution may even enhance contaminant-degradation 
potential of stream bacterial communities; the abundance of xenobiotic metabolic genes 
within bacterial communities increased with the highly-urbanized Jialing River, China 
(Wang et al., 2018). 
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To more fully understand the impact of human activities on stream biofilm bacteria, we 
exposed stream biofilms to experimental additions of nutrients (N, P, and Fe), 
pharmaceuticals (caffeine and diphenhydramine), nutrients plus pharmaceuticals, and no 
contaminants (control) in montane and urban streams in three catchments in northern 
Utah, USA.  We then identified and compared bacterial microbiomes for each 
contaminant treatment by land-use combination, where microbiome taxa were defined as 
all taxa that occurred in at least 75% of the samples in a specific grouping.  We measured 
ambient nutrient and pharmaceutical concentrations to examine their natural 
concentrations and the potential for existing pollution to influence bacterial responses to 
experimental nutrient and pharmaceutical additions.  We hypothesized that nutrients 
would select for bacterial communities dominated by copiotrophic taxa, while 
pharmaceuticals would select for communities composed of contaminant-degrading taxa.  
Further, we hypothesized that existing nutrient and pharmaceutical pollution urban 
streams would decrease the sensitivity of biofilm bacteria to experimental additions of 
nutrient and pharmaceuticals.  
2. MATERIALS AND METHODS 
2.1. Study areas 
We conducted nutrient and pharmaceutical addition bioassays at sites located along a 
gradient of montane to urban land-use in three catchments, Logan River, Red Butte 
Creek, and Middle Provo River, located along the Wasatch Range in northern Utah, 
USA.  These catchments contain different mixtures of upland forest/sage-steppe, urban, 
sub-urban, and agricultural land-use.  The Logan River originates in the Bear River 
16 
 
Range, passes through a series of three hydroelectric dams located near the base of the 
mountains, and then flows through a mixture of urban and agricultural land-uses.  Red 
Butte Creek flows from the foothills of the Wasatch Range where it passes through a 
water supply reservoir and then makes a rapid transition into the built-out, urban 
environment of the University of Utah campus and Salt Lake City.  Located between the 
Jordanelle and Deer Creek Reservoirs, the Middle Provo River flows through the Heber 
Valley, an area undergoing a rapid change from rural to urban land-use.  Our research 
was conducted during the summer of 2015. 
2.2. Stream biofilm contaminant exposure substrates 
We examined the effects of nutrients and pharmaceuticals on stream biofilm bacteria 
using contaminant exposure substrates (CES; Costello et al., 2016; Rosi-Marshall et al., 
2013), devices which employ a similar design as nutrient diffusing substrates and are 
widely used in stream ecology to examine nutrient limitation (Capps et al., 2011; Tank et 
al., 2007).  To construct CES, we filled 30-mL plastic cups (Polycon, Madan Plastics) 
with agar amended with one of four contaminant treatments: no additions (control), 0.5 
M N + 0.5 M P + 0.5 mM Fe (nutrient [Nu] addition), 2.5 mM caffeine + 2.5 mM 
diphenhydramine (pharmaceutical [Ph] addition), and 0.5 M N + 0.5 M phosphorus + 0.5 
mM Fe + 2.5 mM caffeine + 2.5 mM diphenhydramine (combined nutrient and 
pharmaceutical [NuPh] addition).  Ethylenediaminetetraacetic acid was added in all 
treatments with Fe.  The agar was capped with a fritted glass disc which served as a 
platform for biofilm growth.  We placed three replicates of each contaminant treatment at 
montane and urban sites for 18 – 26 days in the Logan River, Red Butte Creek, and 
Middle Provo River catchments (4 contaminant treatments × 2 land-use types × 3 
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catchments × 3 replicates = 72).  Due to the loss of several CES that occurred during the 
in-stream incubations, only two replicates of the control and nutrient plus pharmaceutical 
addition treatments were recovered at the urban site in the Logan River catchment and all 
bacterial community inferences were based on 70 samples. 
2.3. Bacterial communities 
We performed target metagenomics of 16S rRNA to examine the bacterial communities 
in montane and urban stream biofilms exposed to contaminant treatments.  We extracted 
genomic DNA from biofilms using the DNeasy Powersoil Kit (Qiagen Inc., Germantown, 
MD, USA).  We then targeted the V4 hypervariable region of the 16S rRNA gene using 
primers 16Sf (5’-GTGCCAGCMGCCGCGGTAA-3’) and 16Sr (5’-
GGACTACHVGGGTWTCTAAT-3’).  The primers contained a series of repeating 8-bp 
barcodes, a forward or reverse Illumina primer, linker region, and primer pad to facilitate 
a dual-indexed Illumina sequencing approach (Aanderud et al., 2018; Caporaso et al., 
2012; Kozich et al., 2013).  The InvitrogenTM AccuPrimeTM Pfx SuperMix was used for 
the generation of 16S amplicons.  The thermocycler settings were: an initial denaturation 
step of 94°C for 3 minutes, followed by 35 cycles of denaturation at 94°C for 45 seconds, 
annealing at 55°C for 60 seconds, and elongation at 72°C for 90 seconds.  A final 
elongation step was set for 72°C for 10 minutes and samples were then held at 4°C.  
Samples were then normalized using the SequalPrepTM Normalization Plate (96) Kit 
(Invitrogen, Carlsbad, CA, USA) and quantified on a Qubit® 2.0 Fluorometer 
(ThermoFisher Scientific, Waltham, MA, USA).  The samples were sequenced on an 
Illumina HiSeq 2500 platform (2×250; Illumina Biotechnology, San Diego, CA, USA) at 
the Brigham Young University DNA Sequencing Center (https://dnasc.byu.edu).  Primer 
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dimers were removed via Pippin Prep (Sage Science, Beverly, MA, USA).  Illumina 
sequence reads were analyzed in mothur (v. 1.35.1; Schloss et al., 2009) following the 
MiSeq SOP protocol (Kozich et al., 2013).  We removed chimeras with UCHIME (Edgar 
et al., 2011) and eliminated chloroplast, mitochondrial, archaeal, and eukaryotic gene 
sequences based on reference sequences from the Ribosomal Database Project (Cole et 
al., 2009).  We then aligned sequences against the SILVA 128 database 
(silva.nr_v128.align; Pruesse et al., 2007) with the SEED aligner and created operational 
taxonomic units (OTUs) based on uncorrected pairwise distances using a minimum 
coverage of 99% and minimum pairwise sequence similarity of 97%.  We used the 
‘phyloseq’ package (McMurdie and Holmes, 2013) in R (R Core Team, 2017) to 
combine taxonomy files and OTU tables generated in mothur.  Samples contained a total 
of 1,856,706 sequences and 16,438 unique OTUs with a mean sequencing coverage of 98 
± 0.1%.  We rarefied data to the smallest sample size (27,704 sequences, 18,984 unique 
OTUs after rarefication) and then assigned OTUs from the total bacterial community into 
two abundance categories: abundant (≥0.1% relative abundance) and rare (<0.1% relative 
abundance; Aanderud et al., 2015; Pedrós-Alió, 2012).  The resulting rarefied dataset was 
used to perform all of the following analyses.  
2.4. Nutrient and pharmaceutical effects on biofilm bacterial microbiomes in 
montane and urban streams 
We identified bacterial microbiomes for each contaminant treatment by land-use 
combination (i.e., control montane, control urban, nutrient montane, etc.) by selecting all 
OTUs that occurred in at least 75% of the samples in a specific grouping using the 
‘microbiome’ package (Lahti et al., 2017) in R.  We defined microbiomes using a 75% 
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persistence cutoff to identify bacterial taxa that consistently responded to contaminant 
treatments in montane and urban biofilms and thus characterize common bacterial 
responses to contaminant additions at each type of land-use. Our 75% persistence cutoff 
also ensured sufficient number of taxa above the cutoff threshold in all microbiomes 
(>200 OTUs).  We visualized the composition of bacterial microbiomes with Krona plots 
(Ondov et al., 2011) generated in R.  Krona plots displayed the percentages of 
microbiome taxa, calculated as a taxon’s total sequence count divided by the total 
sequence count of all taxa across all samples contributing to a microbiome.  We 
employed the same method to calculate and display the contribution of abundant 
compared with rare OTUs.  
We examined the effects of land-use, nutrient addition, and pharmaceutical addition on 
bacterial microbiome composition.  We visualized community differences among 
microbiomes by performing a principal coordinate analysis using a Bray-Curtis 
abundance-based distance matrix from the relative recovery of OTUs with the vegdist 
function in the ‘vegan’ package (Oksanen et al., 2014).  We then performed a 
PERMANOVA analysis (Anderson, 2001) using the adonis function to test for the effects 
of land-use, nutrient addition, and pharmaceutical addition with catchment nested within 
land-use, nutrient addition, and pharmaceutical addition. 
Next, we focused on the effects of nutrients and pharmaceuticals.  We calculated 
bacterial microbiome diversity as Shannon’s diversity index and richness as the number 
of OTUs in each microbiome.  We performed separate two-way ANOVAs for 
microbiomes at montane and urban sites, where nutrient addition and pharmaceutical 
addition were included as fixed effects with catchment nested within nutrient addition 
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and pharmaceutical addition.  Treatment differences were compared using Tukey’s post-
hoc tests.  Last, to visualize the distinctiveness of  microbiomes exposed to contaminant 
treatments at each type of land-use, we generated area-proportional Euler diagrams based 
on counts of the number of shared and unique taxa in microbiomes of each contaminant 
treatment at each type of land-use using the ‘eulerr’ package (Larsson, 2019).  We 
visualized the composition of unique taxa in microbiomes with Krona plots created using 
the methods described previously. 
2.5. Biofilm biomass responses to nutrients and pharmaceuticals 
We characterized the effects of nutrients and pharmaceuticals on biofilm biomass, 
measured as chlorophyll a and ash-free dry mass (AFDM) of biofilms grown on CES.  
One-half of each fritted glass disc was used for chlorophyll determination and the other 
for AFDM.  The disc area was estimated with ImageJ software (Schneider et al., 2012).  
Chlorophyll was extracted in hot ethanol, refrigerated overnight, and measured on a 
Turner Designs TD-700 Fluorometer with phaeophytin correction after acidification 
(Hauer and Lamberti, 2011).  AFDM samples were dried for 2 days at 60°C, combusted 
at 450°C for 2 hours, and the mass lost during combustion used to calculate AFDM 
(APHA, 1998).  We examined the effects of nutrient addition and pharmaceutical 
addition on chlorophyll and AFDM in montane and urban streams using two-way 
ANOVAs as described above for microbiome comparisons. 
2.6. Ambient nutrient and pharmaceutical concentrations 
We measured ambient nutrient concentrations to examine the potential for existing 
nutrient pollution to influence biofilm bacteria.  We collected grab samples for total 
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nitrogen (TN) and total phosphorus (TP) analyses, samples of stream water filtered 
through pre-combusted Whatman GF/F filters for nitrite + nitrate (hereafter NO3
-), 
ammonium (NH4
+), and soluble reactive phosphorus (SRP) analyses, and 1.5-mL samples 
of stream water filtered through a 0.2-µm filter for dissolved total Fe and dissolved 
ferrous Fe analyses.  We immediately added 40-µl of Ferrozine to the dissolved ferrous 
Fe samples.  All samples were collected in duplicate.  TN was quantified using a 
potassium persulfate digestion (Nydahl, 1978) followed by a cadmium reduction for NO3
- 
(APHA, 1998, EPA method 353.2).  TP was quantified using a potassium persulfate 
digestion followed by an ascorbic acid molybdenum reaction for SRP (Murphy and 
Riley, 1962, EPA method 365.1).  NO3
- and SRP were measured using the methods 
described above without digestion.  NH4
+ was quantified with an automated alkaline 
phenolhypochlorite reaction followed by spectrophotometric analysis (EPA method 
350.1, Solorzano, 1969; APHA, 1998).  Dissolved total Fe and dissolved ferrous Fe were 
measured colorimetrically at a wavelength of 562 nm (Stookey, 1970).  The method 
detection limits were 8.0 µg L-1 for TN, 12.0 µg L-1 for TP, 6.0 µg L-1 for NH4
+, 4.0 µg L-
1 for NO3
-, 1.0 µg L-1 for SRP, and 17.1 µg L-1 for dissolved total Fe and dissolved 
ferrous Fe.  We performed one-way ANOVAs with land-use as a fixed effect and 
catchment nested within land-use to test for differences in nutrients concentrations 
between montane and urban streams.   
To examine the potential for pharmaceutical pollution to influence biofilm bacteria, we 
measured ambient concentrations of pharmaceuticals by deploying Passive Organic 
Chemical Integrative Samplers (POCIS) in streams at the urban site in each catchment 
(Alvarez et al., 2004).  Pharmaceutical POCIS containing Waters Oasis HLBTM polymer 
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sorbent were obtained from Environmental Sampling Technologies (EST, Inc., St. 
Joseph, MO) and deployed at each location in a stainless-steel strainer (Zicome 
Collapsible Vegetable Steamer 7.5 × 7.3 × 2.3 inches) except at one location where a 
protective covering was fashioned out of plastic landscape cloth.  POCIS were deployed 
for 20 – 26 days during the summer and fall of 2015.  The concentrations of 19 
pharmaceuticals were measured with high performance liquid chromatography combined 
with tandem mass spectrometry (Method 1694 EPA, 2007) by the University of Nebraska 
Water Sciences Laboratory. 
3. RESULTS 
3.1. Bacterial microbiomes 
Overall, biofilm bacterial microbiomes were compositionally simple and composed of 
mostly a few abundant taxa (Figs. 1, 2).  Microbiomes at montane and urban sites 
contained a mean (±SEM) of 385 ± 37 and 576 ± 73 of OTUs, which represented only 
2% and 3% of OTUs in the total bacterial community, respectively (Supplemental Table 
1).  Abundant taxa comprised 34 ± 3.4% and 24 ± 2.4% of microbiome OTUs at montane 
and urban sites, respectively (Supplemental Table 1).  In comparison, abundant taxa 
comprised only 0.81% of OTUs in the total bacterial community.  The most abundant 
microbiome phyla included Proteobacteria (mean relative abundance ± SEM: montane = 
62 ± 3.8%; urban = 60 ± 2.9%), Bacteroidetes (montane = 27 ± 3.2%; urban = 16 ± 
1.5%), Verrucomicrobia (montane = 4.4 ± 0.34%; urban = 7.2 ± 1.10%), and 
Cyanobacteria (montane = 3.9 ± 0.75%; urban = 6.5 ± 0.54%; Figs. 1, 2).  Control, 
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nutrient, pharmaceutical, and nutrient plus pharmaceutical microbiomes shared 35% and 
32% of their OTUs at montane and urban sites, respectively (Fig. 3). 
3.2. Land-use and contaminant effects on microbiome structure 
Microbiomes were primarily structured by urban and montane land-use and secondarily 
by nutrient and pharmaceutical additions.  In the PCoA ordination, the two different land-
uses clearly separated microbiomes along the primary axis (Fig. 4).  In general, 
microbiomes at montane sites in the three catchments were compositionally distinct, 
while microbiomes at urban sites were more similar to each other.  PERMANOVA 
analysis confirmed the separation in ordination space, with land-use explaining 27% of 
the variation (land-use: F1,66 = 27 p < 0.001 R
2 = 0.27).  In comparison to land-use, 
nutrients and pharmaceutical additions had less of an impact but still helped separate 
microbiomes along axis 2 and contributed to the formation of distinct microbiomes based 
on PERMANOVA results (Nu: F1,66 = 5.9 p < 0.001 R
2 = 0.06, Ph: F1,66 = 2.4 p = 0.02 R
2 
= 0.02).  
3.3. Nutrient effects on microbiomes 
Nutrients enhanced the dominance of the Pseudomonadaceae and Comamonadaceae in 
both nutrient and nutrient plus pharmaceutical microbiomes (Figs. 1, 2).  The abundance 
of the Pseudomonadaceae, a family containing seven microbiome taxa, was at least 5- 
and 3-fold higher in nutrient and nutrient plus pharmaceutical microbiomes, respectively, 
than in control microbiomes (Figs. 1, 2).  Comamonadaceae, which contained the highest 
abundance of OTUs in control microbiomes and contained 44 microbiome taxa, was 1.7- 
and 1.5-more abundant in nutrient and nutrient plus pharmaceutical microbiomes as 
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compared to controls at urban sites, respectively (Fig. 1).  Nutrients depressed 
microbiome richness by at least 19% and 26% at montane and urban sites, respectively 
(Fig. 5). 
3.4. Pharmaceutical effects on microbiomes 
Pharmaceutical effects generally contrasted with those of nutrients, as pharmaceuticals 
increased microbiome richness (Fig. 5) but had few effects on abundant families (Figs. 1, 
2).  Pharmaceuticals had the most dramatic effect on richness in urban streams, where 
pharmaceutical exposure increased microbiome richness 38% above controls (Fig. 5B).  
In montane streams, pharmaceuticals only increased microbiome richness by 6% above 
controls (Fig. 5A).  Pharmaceuticals had a minimal effect on abundant families with the 
exception of Pseudomonadaceae, which was 4.8- and 1.5-times more abundant in 
pharmaceutical as compared to control microbiomes at urban and montane sites, 
respectively (Figs 1, 2). 
Pharmaceutical microbiomes were distinct, containing many unique taxa associated with 
contaminant-degradation.  Based on the Venn diagrams of the OTUs found contaminant 
treatment microbiomes at urban sites, 21% of OTUs were unique to the pharmaceutical 
microbiomes, while only 7.8%, 3.7%, and 1.5% were unique to the control, nutrient, and 
nutrient plus pharmaceutical microbiomes, respectively (Fig. 3B).  The pharmaceutical 
microbiome was less unique at montane sites, where 14%, 11%, 2.5%, and 4.0% of 
OTUs were unique to pharmaceutical, control, nutrient, and nutrient plus pharmaceutical 
microbiomes, respectively (Fig. 3A).  Top families of unique pharmaceutical microbiome 
taxa at urban sites (Fig. 6C) included DR-16 (Betaproteobacteria; 25% of unique 
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pharmaceutical microbiome OTUs), WCHB1-32 (Bacteroidetes; 6.8%), and 
Leptotrichiaceae (Fusobacteria; 6.8%).  At montane sites, top families of unique 
pharmaceutical microbiome taxa included unclassified Bacteroidetes (10.0%), 
Oscillatoriales (9.8%), and Sphingobacteriales env.ops 17 (Bacteroidetes; 6.9%). 
3.5. Nutrient plus pharmaceutical effects on microbiomes 
Although the composition of nutrient plus pharmaceutical microbiomes closely 
resembled that of nutrient microbiomes, nutrient plus pharmaceutical microbiomes also 
contained taxa not found in other contaminant treatment microbiomes.  Oscillatoriales 
comprised 80% and 11% of the OTUs unique to nutrient plus pharmaceutical 
microbiomes at urban and montane sites, respectively (Fig. 6D).   Other major families of 
unique nutrient plus pharmaceutical microbiome taxa at urban sites included 
Sphingobacteriales env.OPS 17 (Bacteroidetes; 3.7% of unique nutrient plus 
pharmaceutical microbiome OTUs), Cytophagaceae (Bacteroidetes; 2.5%), and 
Nitrosomonadaceae (Betaproteobacteria; 2.5%), while major families at montane sites 
included Verrucomicrobiaceae (Verrucomicrobia; 19%), Rhodobacteraceae 
(Alphaproteobacteria; 17%), and unclassified Burkholderiales (Betaproteobacteria; 
6.6%).  
3.6. Ambient nutrients and pharmaceuticals 
Urban biofilms were exposed to distinct signatures of nutrient and pharmaceutical 
pollution associated with the different types of land-use in the catchment.  Although 
variable, ambient nutrient concentrations were generally higher in urban compared to 
montane streams (Table 1): dissolved and total N and P and total dissolved Fe 
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concentrations were significantly greater in urban as compared to montane streams (all 
models one-way ANOVAs with land-use as the predictor variable: p < 0.02).  The 
increase in ambient nutrient concentrations was likely due to human land-use, as 
differences in the form and ratio of N and P across the three catchments reflected 
differences in the intensity of urbanization in the three watersheds.  The urban stream in 
the Logan catchment, which is impacted by a mixture of agricultural and urban land-use, 
had greater NO3
- concentrations and DIN:SRP ratios than urban streams in the Red Butte 
and Middle Provo catchments, potentially reflecting chemical fertilizer inputs associated 
with agriculture (Kaushal et al., 2011).  In contrast, P concentrations increased between 
montane and urban streams in Red Butte Creek and Middle Provo, potentially reflecting 
the influence of urban land-use, which generally increases P inputs due to sewage and 
septic inputs (Kaushal et al., 2011; Paul and Meyer, 2001; Walsh et al., 2005).  In 
addition, the Middle Provo urban stream is also the only stream in our study located 
downstream of a wastewater treatment plant and the increase in P concentrations between 
montane and urban streams in this catchment may reflect the influence of treated 
wastewater inputs. 
Similarly, urban biofilms were also exposed to different forms of pharmaceutical 
pollution associated with human land-use in the three catchments (Table 2).  Caffeine, 
one of the contaminants in our pharmaceutical treatment, and 1,7-dimethylzanthine, a 
metabolite of caffeine, were present in urban streams in all three catchments.  
Diphenhydramine, the other contaminant in our pharmaceutical treatment, was only 
detected in the Logan River and Red Butte Creek catchments.  The different types of 
human land-use created distinct chemical signatures of human- and livestock-associated 
27 
 
pharmaceuticals.  Sulfa antibiotics (sulfamethazine and sulfamethoxazole), 
pharmaceuticals primarily associated with livestock (Mathew et al., 2007), were most 
frequently detected in the Logan and Middle Provo catchments, which are both impacted 
by agricultural land-use.  Pharmaceuticals associated with human consumption, including 
1,7-dimethylxanthine (a metabolite of caffeine), acetaminophen, caffeine, carbamazepine, 
and cotinine (a metabolite of nicotine) were detected in all three catchments, reflecting 
anthropogenic impacts found in both rural and urban environments. 
3.7  Contaminant effects on biofilm biomass 
Urban biofilm biomass was nutrient-limited.  Nutrient additions increased chlorophyll a 
concentrations by approximately 250% (Fig. 7A; Nu: F1,47 = 36 p < 0.001), but increased 
AFDM by only 25% (Fig. 7B; Nu: F1,49 = 5.2 p = 0.03).  Pharmaceuticals in urban 
streams and nutrients and pharmaceuticals in montane streams did not influence biofilm 
biomass.  
4. DISCUSSION 
Nutrient and pharmaceutical additions created distinct bacterial microbiomes in stream 
biofilms at montane and urban sites across the three catchments.  Nutrients enhanced the 
dominance of Pseudomonadaceae and Comamonadaceae in microbiomes and depressed 
microbiome richness.  Pseudomonadaceae and Comamonadaceae both contain many 
opportunistic copiotrophs often dominating nutrient-rich environments (Jani et al., 2018; 
Pinhassi and Berman, 2003; Roberto et al., 2018; Yu et al., 2017) and are members of 
Gammaproteobacteria and Betaproteobacteria, respectively, both copiotrophic 
Proteobacterial classes (Fierer et al., 2007a; Shi et al., 1999).  Additions of N, P, and Fe, 
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the nutrients included in our treatment, likely led to the dominance of these copiotrophs, 
which were able to outcompete other taxa for these nutrients, ultimately reducing 
richness (Besemer, 2015; Mittelbach et al., 2001).  Nutrient pollution has previously 
demonstrated a negative effect on bacterial richness within a nutrient-rich urban stream, 
where nitrate concentrations were four-times greater than pristine streams and biofilm 
bacterial richness and evenness estimates were visibly lower and under the dominance of 
several species (Lear et al., 2009).  Diminished bacterial richness associated with nutrient 
additions may have important implications for stream ecosystems, as the loss of bacterial 
taxa may also reduce genetic diversity and, consequently, biofilm resilience to 
disturbance (Sogin et al., 2006; Pedrós-Alió, 2012). 
The effects of pharmaceuticals largely contrasted those of nutrients, as pharmaceuticals 
increased microbiome richness and fostered unique taxa associated with contaminant 
tolerance and/or degradation.  The pharmaceuticals used in our study, caffeine and 
diphenhydramine, may have served as a C and/or energy source for taxa capable of 
degrading one or both compounds.  Indeed, pharmaceuticals increased the relative 
abundance of Pseudomonadaceae, a family which contains many taxa known for their 
ability to degrade toxic organic molecules (Palleroni, 2010) and includes the majority of 
bacteria capable of degrading caffeine (Summers et al., 2015).  Experimental 
diphenhydramine additions have previously been shown to increase the abundance 
Pseudomonas sp. in stream biofilms (Rosi-Marshall et al., 2013).  Further, a small 
percentage (0.9%) of unique pharmaceutical microbiome taxa at montane sites belonged 
to the Anaerolineaceae (Chloroflexi), a family associated with diphenhydramine 
degradation in anaerobic digester sludge (Wolfson et al., 2018).  Many taxa that were 
29 
 
unique to pharmaceutical microbiomes are associated with the breakdown of complex C 
substrates or are commonly found in highly contaminated environments.  DR-16, which 
contained the highest abundance of unique pharmaceutical microbiome taxa at urban 
sites, resides in a quinoline degrading microbial consortium and may help degrade 
aromatic compounds (Wu et al., 2015).  Other highly abundant families of unique 
pharmaceutical microbiome taxa at urban sites included WCHB1-32, a family found in a 
hydrocarbon- and chlorinated-solvent-contaminated aquifer undergoing bioremediation 
(Dojka et al., 1998) and Leptotrichiaceae, a family containing pathogenic bacteria (Lory, 
2014) associated with sewage infrastructure (Gonzalez-Martinez et al., 2018; Shanks et 
al., 2013) that often contains pharmaceuticals. 
Our results highlight the potential interplay between pharmaceutical pollution, diversity, 
and pharmaceutical degradation.  The increase in bacterial microbiome richness 
associated with pharmaceutical addition is notable, as contaminant degradation rates may 
increase with microbial community diversity (Delgado-Baquerizo et al., 2016; Dell’Anno 
et al., 2012; Hernandez-Raquet et al., 2013).  Bacterial biodiversity may provide a rich 
set of taxa that can act as a consortium supporting specialized metabolic pathways 
required to degrade complex organic pollutants (Fuentes et al., 2014; Jousset et al., 2017). 
However, we are only able to hypothesize that bacteria degraded caffeine and 
diphenhydramine. The pharmaceutical-induced compositional shifts that we found may 
also result from toxicity and/or tolerance to these contaminants.  Stable isotope probing, 
which tracks the incorporation of an isotopically-labeled substrate of interest into specific 
taxa within a microbial community (Neufeld et al., 2007), may identify potential 
pharmaceutical-degrading taxa.  Future studies that examine the potential role of biofilm 
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bacterial taxa in pollutant degradation may reveal the importance of this group in stream 
ecosystem function and resilience to anthropogenic pollution (Jousset et al., 2017). 
Nutrients had much stronger effects than pharmaceuticals on bacterial microbiomes when 
the two contaminant classes were added in combination.  The composition of the top 
bacterial taxa, richness, and diversity in the nutrient plus pharmaceutical microbiomes 
largely resembled those in the nutrient microbiomes.  Unexpectedly, nutrient plus 
pharmaceutical microbiomes contained taxa not found in nutrient or pharmaceutical 
microbiomes.  The vast majority of unique nutrient plus pharmaceutical microbiome taxa 
in urban streams belonged to the order Oscillatoriales (Cyanobacteria), suggesting the 
taxa may possess superior competitive abilities under combined nutrient and 
pharmaceutical enriched conditions.  Indeed, Oscillatoriales outcompeted other bacteria 
for energy and nutrients under N-rich conditions in salt marsh communities (Kearns et 
al., 2016) and increased in response to pharmaceutical pollution  in a wastewater-
impacted stream (Corcoll et al., 2014).  Further research to identify bacterial taxa that 
thrive in multi-pollutant conditions may help identify biofilm responses to the variety of 
contaminants associated with urbanization (Walsh et al., 2005). 
Last, we were most surprised to find that in contrast to our hypothesis, prior exposure to 
nutrient and pharmaceutical pollution in urban streams did not dampen the effects of our 
contaminant treatments on biofilm bacteria.  Instead, pharmaceutical additions elevated 
bacterial microbiome richness by 37% at urban sites and only 6% at montane sites.  
Existing nutrient and pharmaceutical pollution may have acted as an environmental filter 
selecting for taxa ready to capitalize on caffeine and diphenhydramine.  Similarly, 
experimental additions of the antibiotic ciprofloxacin had an immense effect on 
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community composition of urban biofilms in streams along a suburban to urban gradient 
in Maryland, USA (Rosi et al., 2018), with ciprofloxacin increasing the abundance of 
Pedobacter spp., a genus known for its ability to degrade unusual compounds (Kämpfer, 
2010), and an unclassified genus from the family Bradyrhizobiaceae, which included 
several strains that are able to metabolize halogenated aromatic compounds (Egland et 
al., 2001; Kamal and Wyndham, 1990; Van der Woude et al., 1994).  Thus, urbanization 
may create a predictable occurrence of pharmaceuticals entering streams that allows 
contaminant-tolerant bacteria to colonize biofilms. 
5. CONCLUSIONS 
Both nutrients and pharmaceuticals structured biofilm bacterial microbiomes at montane 
and urban sites, albeit in distinctly different ways.  While N, P, and Fe additions 
enhanced the dominance of already abundant, copiotrophic heterotrophs, such as 
Pseudomonadaceae and Comamonadaceae, caffeine and diphenhydramine additions 
supported rich microbiomes containing unique taxa associated with contaminant-
degradation.  In addition, nutrient plus pharmaceutical microbiomes contained unique 
taxa, many of which belonged to Oscillatoriales, suggesting that these taxa possess 
superior competitive abilities to scavenge nutrients and tolerate and/or capitalize on 
multiple contaminants at a single time.  Surprisingly, exposure to ambient nutrient and 
pharmaceutical pollution failed to reduce the effects of these contaminants on 
microbiomes at urban sites, highlighting the potential for pollution to act as an 




6.  FIGURES 
 
Figure 1. Krona plots of biofilm bacterial microbiomes in control, nutrient (Nu), 
pharmaceutical (Ph), and nutrient plus pharmaceutical (NuPh) treatments in montane 
streams.  Microbiomes defined as OTUs present in more than 75% of samples of a given 
contaminant treatment in montane streams across the three catchments.  Inner rings, in 
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order from smallest to largest, show percentages of individual taxa at phylum, class, 
order, and family levels and colors indicate different phyla.  The outer ring shows the 
percentage of individual taxa at the OTU level and colors indicate abundant (≥0.1% 
relative abundance of total bacterial community) and rare OTUs (<0.1% relative 
abundance of total bacterial community).  To simplify Krona plots, we only included taxa 
belonging to eight most abundant phyla across all microbiomes, which comprised at least 
99% of the abundance of microbiomes at montane sites.  Microbiomes based on 16S 
rDNA community libraries (97% similarity cut-off).  Top families are labeled with the 
following abbreviations: Comam. = Comamonadaceae, Flavo. = Flavobacteriaceae, 




Figure 2. Krona plots of biofilm bacterial microbiomes on control, nutrient (Nu), 
pharmaceutical (Ph), and nutrient plus pharmaceutical (NuPh) treatments at urban sites.  
Krona plots are described in Figure 1.  The eight phyla comprised at least 99% of the 
abundance of microbiomes at urban sites.  Top families are labeled with the following 
abbreviations: Comam. = Comamonadaceae, Flavo. = Flavobacteriaceae, Oscilla. = 




Figure 3. Venn diagrams of shared and unique bacterial microbiome OTUs in control, 
nutrient (Nu), pharmaceutical (Ph), and nutrient plus pharmaceutical (NuPh) treatments 
in montane and urban streams. Values are the number of OTUs in each section and 
section areas are proportional to the number of OTUs.  Microbiomes in montane streams 





Figure 4. Principle coordinate analysis (PCoA) generated using Bray-Curtis distances on 
a sample × OTU matrix of 16S rDNA community libraries.  Biofilm bacterial 
microbiomes in control, nutrient addition, pharmaceutical addition, and nutrient plus 
pharmaceutical addition treatments are represented as different shapes with montane and 
urban streams in the Logan, Red Butte (RB), and Middle Provo (Provo) catchments 




Figure 5. Richness of biofilm bacterial microbiomes in control, nutrient addition, 
pharmaceutical addition, and nutrient plus pharmaceutical addition treatments in montane 
and urban streams. Values are means (n=8-9) shown with standard error of the mean.  In 
two-way ANOVAs, nutrients and pharmaceuticals had interactive effects on bacterial 
microbiome richness, with nutrients decreasing and pharmaceuticals increasing richness 
in montane (Nu addition × Ph addition F1,24 = 11.7 p = 0.002, Nu addition F1,24 = 677 p < 
0.001, Ph addition F1,24 = 70.6 p < 0.001) and urban streams (Nu addition × Ph addition 
F1,22 = 188 p < 0.001, Nu addition F1,22 = 846 p < 0.001, Ph addition F1,22 = 64.7 p < 




Figure 6. Krona plots of unique taxa in biofilm bacterial microbiomes in control, nutrient 
(Nu), pharmaceutical (Ph), and nutrient plus pharmaceutical (NuPh) treatments in urban 
streams.  Rings, in order from smallest to largest, show percentages of individual taxa at 
phylum, class, order, family, and OTU levels.  Colors indicate different phyla. Note that 
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the phyla and color key are different from those in Figures 1 and 2.  To simplify Krona 
plots, we only included taxa belonging to eight most abundant phyla of unique taxa, 
which comprised at least 96% of the abundance of unique taxa. Top families of unique 
taxa in each microbiome are labeled using the following abbreviations: Aero. = 
Aeromonadaceae, Chitin. = Chitinophagaceae, Cyto. = Cytophagaceae, DR-16 = DR-16 
family, env.OPS 17 = Sphingobacteriales env.OPS 17, Lepto. = Leptotrichiaceae, Morax. 
= Moraxellaceae, OM190 = OM190 family, Oscilla. = Oscillatoriales, Plancto. = 






Figure 7. Chlorophyll a concentrations (A) and ash-free dry mass (B) of biofilms grown 
on control, nutrient addition, pharmaceutical addition, and nutrient plus pharmaceutical 
addition treatments in urban streams.  Values are means ± SEM (n=3).  Treatments with 





Table 1. Ambient nutrient concentrations in montane and urban streams in the Logan River, Red Butte Creek, and Middle Provo 
River catchments during 2015 CES bioassays.  Chemistry values are means on date of CES deployment (n=2) followed by standard 
error of the mean in parentheses. Abbreviations are as follows: total nitrogen (TN), total phosphorus (TP), ammonium (NH4
+), nitrate 
(NO3
-), soluble reactive phosphorus (SRP), molar dissolved inorganic nitrogen (DIN). 
 Logan River Red Butte Creek Middle Provo River 
 Montane Urban Montane Urban Montane Urban 
TN (mg L-1) 0.22 (0.032) 0.41 (0.008) 0.10 (0.015) 0.31 (0.015) 0.19 (0.002) 0.31 (0.002) 
TP (mg L-1) 0.02 (0.004) 0.02 (0.004) 0.03 (0.008) 0.08 (0.001) 0.01 (<.001) 0.03 (<.001) 
NH4+ (mg L-1) <.01 (0.002) 0.01 (0.001) 0.01 (0.001) 0.01 (<.001) 0.01 (<.001) 0.01 (0.002) 
NO3- (mg L-1) 0.14 (0.002) 0.28 (0.001) 0.04 (<.001) 0.10 (0.002) 0.05 (<.001) 0.11 (0.002) 
SRP (mg L-1) <.01 (<.001) <.01 (<.001) 0.01 (<.001) 0.01 (<.001) <.01 (0.002) 0.01 (<.001) 
Molar TN:TP 21.8 (0.87) 49.4 (10.10) 8.3 (1.16) 8.80 (0.34) 70.5 (0.57) 21.7 (<.01) 
Molar DIN:SRP 112 (9.09) 186 (18.3) 19.8 (1.72) 23.0 (0.25) 45.1 (23.12) 31.9 (2.02) 
Dissolved total Fe (µg L-1) 8.57 (<.001) 16.3 (7.76) 8.57 (<.001) 31.9 (2.13) 41.1 (2.84) 12 (9.59) 
Dissolved ferrous Fe (µg L-1) 8.57 (<.001) 8.57 (<.001) 8.57 (<.001) 20.23 (11.7) 8.57 (<.001) 8.57 (<.001) 
Note: One half of the method detection limit was used to calculate means and standard errors of nutrient concentrations when values were below 
the method detection limit (TN = 0.008 mg L-1, TP = 0.012 mg L-1, NH4+ = 0.006 mg L-1, NO3- = 0.004 mg L-1, SRP = 0.001 mg L-1, dissolved 
total and dissolved ferrous Fe = 17.13 µg L-1).
 
 
Table 2. Concentrations of pharmaceuticals that accumulated in Polar Organic Chemical Integrated Samplers (POCIS) in urban 
streams in the Logan River, Red Butte Creek, Middle Provo River catchments during summer (June – July) and fall (September 
[Sept.] – October).  Pharmaceutical concentrations are expressed as ng POCIS-1.   
 Logan River Red Butte Creek Middle Provo River 





1,7-dimethylxanthine BDL 0.09 0.05 0.10 0.05 0.05 
Acetaminophen BDL 0.03 0.06 0.09 0.05 0.06 
Amphetamine 0.03 0.10 BDL 0.35 BDL BDL 
Azithromycin BDL BDL BDL BDL BDL BDL 
Caffeine 1.52 1.51 1.98 4.89 0.45 0.55 
Carbamazepine 0.04 0.03 0.03 BDL 0.12 0.08 
Cimetidine BDL BDL BDL BDL BDL BDL 
Cotinine 0.08 0.06 0.08 0.21 0.03 0.05 
Diphenhydramine 0.04 0.01 0.01 BDL BDL BDL 
MDA BDL BDL BDL BDL BDL BDL 
MDMA 0.01 <.01 BDL BDL BDL BDL 
Methamphetamine 0.02 0.01 0.32 0.58 BDL BDL 
Morphine BDL BDL BDL BDL BDL BDL 
Phenazone BDL BDL BDL BDL BDL BDL 
Sulfachloropyridazine BDL BDL BDL BDL BDL BDL 
Sulfamethazine 0.58 0.58 BDL BDL 0.65 0.17 
Sulfamethoxazole BDL 0.28 BDL 0.04 0.05 0.05 
Thiabendazole BDL BDL BDL BDL BDL BDL 
Note: Dates in 2015 when POCIS were deployed at each site and concentrations of pharmaceuticals that accumulated in POCIS (ng 
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13. SUPPLEMENTAL MATERIAL 
Supplemental Table 1. Number of OTUs in the total bacterial community and bacterial 
microbiomes for eight treatment by land-use combinations (i.e., control, nutrient, 
pharmaceutical, and nutrient plus pharmaceutical bacterial microbiomes in montane and 
urban streams).  Microbiomes are defined as all OTUs present in at least 75% of samples 
in a given treatment by land-use combination.  Treatment abbreviations are as follows: 
nutrient addition (Nu), pharmaceutical addition (Ph), and nutrient plus pharmaceutical 
addition (NuPh). Total number of OTUs is the number of unique OTUs in each 
community/microbiome.  Percent abundant and rare are the number of unique abundant 
(≥0.1% relative abundance) and rare (<0.1% relative abundance) OTUs in each 
community/microbiome divided by the total number of unique OTUs in each 
community/microbiome. 
 






Total community 18984 0.81 99 
    
Microbiome    
Control montane 435 29 71 
Nu montane 298 42 58 
Ph montane 455 28 72 
NuPh montane 350 37 63 
Mean of montane microbiomes (SE) 385 (36.7) 34 (3.4) 66 (3.4) 
    
Control urban 586 22 78 
Nu urban  505 25 75 
Ph urban  775 18 82 
NuPh urban  439 29 71 
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STREAM NUTRIENTS CREATE DISTINCT BACTERIAL BIOFILMS 
METABOLIZING ORGANIC CARBON 
 
 
Abstract Stream biofilms offer bacteria localized hot spots of enhanced nutrient 
exchange and high metabolic activity with nitrogen (N) and phosphorus (P) pollution 
potentially altering bacterial communities transforming instream organic carbon (C). We 
exposed stream biofilms to enhanced levels of N, P, and N and P combined and 
performed DNA stable isotope probing (13C DNA-SIP) to identify the bacteria 
assimilating 13C-hemicellulose, a component of both allochthonous (e.g., terrestrial plant 
material) and autochthonous (e.g., algal biomass) organic C. We found that 
hemicellulose-assimilating taxa represented a unique subset of bacteria within biofilms 
regardless of nutrient additions. Hemicellulose-C alone was metabolized by both 
abundant (Flavobacteriaceae [Bacteroidetes], Burkholderiaceae [Gammaproteobacteria] 
and Pseudomonadaceae [Gammaproteobacteria), and rare (Sphingobacteriaceae 
[Bacteroidetes], Aeromonadaceae [Gammaproteobacteria], Rikenellaceae 
[Bacteroidetes], and Paludibacteraceae [Bacteroidetes]) bacterial families.  Alternatively, 
N stimulated the metabolism of Spirosomaceae (Bacteroidetes) and Rubritaleaceae 
(Verrucomicrobia), allowing these taxa maintain dominance, with one taxon, an 
unclassified Spirosomaceae genus, comprising 68% of the total assemblage abundance. 
In contrast, P enhanced the richness of taxa metabolizing hemicellulose and enhanced the 
interconnectedness between taxa based on co-occurrence network patterns, suggesting the 
creation of a diverse and extensive consortium of bacteria cooperating to breakdown 
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hemicellulose. N and P effects on hemicellulose assimilators disappeared when the 
nutrients were added in tandem, offering further evidence that our stoichiometric 
imbalances regulated bacterial responses to N and P. Our results provide insights into 
species-specific responses assimilating a prevalent organic C source in streams and 
identifies the potential for N pollution to enhance the dominance of a few abundant taxa, 
while P pollution may create a more universal response allowing both abundant and rare 
taxa to thrive. 
Keywords: DNA stable isotope probing1, periphyton, stream biofilms2, hemicellulose3, 




Streams transform tremendous amounts of organic carbon (Cole et al., 2007, 
Aufdenkampe et al. 2011), with organic C entering from terrestrial environments and 
produced internally by stream photoautotrophs (Hotchkiss et al. 2015).  As a result, 
stream water columns contain a diverse mixture of organic C compounds, including: 
allochthonous plant-derived compounds, such as lignin, cellulose, and hemicellulose in 
leaves (Chen 2014); humic acids and other partially-degraded organic materials deposited 
during overland flow or leached from soils (Findlay and Sinsabaugh 2003); and 
autochthonous carbohydrates, organic acids, and dissolved and free amino acids derived 
from stream algae and cyanobacteria that are released by actively growing cells or upon 
cell lysis (Findlay and Sinsabaugh 2003).  A few C sources are derived from both 
allochthonous and autochthonous sources. Hemicellulose, a major component of vascular 
plant tissues (Chen 2014), may enter streams in leaf litter or may be produced internally 
by certain green algae (Domozych et al. 2012).  Much of instream C is transformed by 
bacteria within biofilms attached to objects projecting above the bottom of river 
sediments (Battin et al. 2008). The three-dimensional architecture of biofilms creates 
ideal retention zones for bacteria to metabolize allochthonous and autochthonous C.  
Besides metabolic zones of activity, biofilm formation and structure are composed of 
bacteria that are continually generating new biomass contributing to stream productivity. 
Biofilms may act as hotspots that regulate C processes in a system where C sources may 
otherwise flow by untransformed.   
The dominant bacterial species within biofilms or other environments are predominantly 
responsible for C transformations. Bacterial communities are typically dominated by a 
small number of abundant taxa (≥1% abundance) which have a major influence on C 
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cycling as these taxa comprise the majority of biomass, respire and are metabolically 
active, and maintain abundance through active growth (Pedrós-Alió 2012).  For example, 
the SAR11 clade, which comprised >25% of total prokaryotes in the Northwest Atlantic 
Ocean, maintained its abundance through growth rates that were equal to or greater than 
the total prokaryotic community and ultimately accounted for 30-50% of biomass 
production (Malmstrom et al. 2005). However, bacterial communities contain large 
numbers of rare taxa (≤0.1%) that contribute to specialized biogeochemical processes 
(i.e., nitrogen fixation) that may also become abundant and enhance organic C processing 
(Pedrós-Alió 2012).  In particular, rare taxa may produce specialized hydrolytic enzymes 
needed for the breakdown of complex high-molecular-weight organic C compounds.  In 
marine microbial communities from the North Atlantic exposed to high-molecular-weight 
organic C, initially rare members of families of Gammaproteobacteria, 
Alphaproteobacteria, and Flavobacteria became dominant and increased the diversity and 
activity of extracellular enzymes (Balmonte et al. 2019). 
The organization and assemblage of heterotrophic bacteria are potentially shaped by 
nutrient pollution (Battin et al. 2016).  Although both nitrogen (N) and phosphorus (P) 
are required for growth and metabolism, enrichment of the nutrients may have highly 
distinct effects on bacterial assemblages.  N enrichment may favor abundant taxa 
involved in C processing as the extracellular enzymes needed to break down high 
molecular weight C compounds are particularly N-rich (Sterner and Elser 2002).  
Experimental N additions stimulated leaf litter decomposition up to a molar N:P ratio of 
approximately 168:1, above levels expected assuming decomposer nutrient demands 
followed the Redfield molar N:P ratio of 16:1, potentially reflecting the large investment 
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of N required to produce extracellular enzymes for decomposition (Jabiol et al. 2019).  
Aquatic bacteria also possess a notable stoichiometric flexibility for P. Bacterioplankton 
cultures from a northern temperate lake enriched varying C:P ratios possessed molar 
C:N:P ratios ranging from 28:7:1 to 8500:1200:1 (Godwin and Cotner 2015).  N 
additions may thus enhance the dominance of abundant taxa involved in C processing 
which are able to exploit additional N despite low P levels.  In contrast to N, P 
enrichment may increase the richness of C processing bacterial assemblages as P is 
important to the maintenance of biodiversity. P is hypothesized to increase growth rate as 
DNA and RNA needed for growth are P-rich (Elser et al. 2000, 2003).  P was associated 
with an increase in bacterioplankton activity in a survey of eight freshwater lakes in 
Michigan, which found that 40% of taxa were dormant in lakes with low P concentrations 
(total P = 7 µg/L) but only 12% were dormant in lakes with high P concentrations (39 
µg/L; Jones and Lennon 2010).   
To determine the influence of N and P pollution of biofilm bacteria participating in the 
metabolism of organic C, over several weeks, we exposed biofilms in streams to 
inorganic N (NH4Cl) and P (KPO4), and identified the taxa assimilating in-stream 
13C-
hemicellulose with 13C DNA stable isotope probing (DNA-SIP). 13C DNA-SIP identifies 
taxa that metabolize 13C isotopically-labeled substrates through the increase in DNA 
density that results from the incorporation of 13C (Radajewski et al. 2000, Neufeld et al. 
2007).  As hemicellulose is a universal component of organic C in streams and abundant 
bacteria are theorized to be chiefly responsible for C metabolism, we hypothesized that 
abundant bacterial taxa would be the predominant responders assimilating hemicellulose. 
We hypothesized that N additions would enhance the dominance of certain abundant 
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bacteria due to N stimulating the extracellular enzymes needed to process hemicellulose, 
while P additions would increase the richness of taxa using hemicellulose due to 
importance of P in supporting cellular growth.  
METHODS 
13C-hemicellulose DNA-SIP experiment 
We conducted a laboratory DNA-SIP incubation to identify stream biofilm bacteria 
assimilating 13C-hemicellulose under N and/or P enriched conditions.  Before beginning 
the DNA-SIP incubation, we grew stream biofilms under N and/or P enriched conditions 
on nutrient-diffusing substrates (NDS; Tank et al. 2007) in the Middle Provo River in 
northern Utah.  To construct NDS, we filled 30-mL plastic cups (Polycon, Madan 
Plastics) with agar amended with one of four nutrient treatments: no additions (control), 
0.5 M NH4-N (N addition; NH4Cl), 0.5 M PO4-P (P addition; KPO4), or 0.5 M NH4-N + 
0.5 M PO4-P (N plus P addition).  The agar was capped with a fritted glass disc which 
served as a platform for biofilm growth and exposed the growing biofilms to nutrients 
which diffused out of the agar.  We placed NDS in the Middle Provo River at a site 
located immediately below Jordanelle Reservoir (40.5951, -111.4286) for 19 days during 
summer 2016.   
At the end of the river deployment, we collected biofilm-colonized discs from the NDS 
and transported them in river water to Utah State University where they were 
immediately used in the laboratory DNA-SIP incubation.  Each biofilm-colonized NDS 
disc was incubated in a clear 1 L glass jar containing 300 mL filter-sterilized river water 




13C+N addition), 13C-hemicellulose plus PO4-P (
13C+P addition) or 13C-
hemicellulose plus NH4-N plus PO4-P (
13C+N+P addition), where N and/or P additions 
matched the NDS treatment of the biofilm-colonized disc. 13C-hemicellulose additions 
(hemicellulose from maize >97 atom% 13C, IsoLife) increased C concentrations by 
approximately 1950 mg/L (assuming hemicellulose = 40% C) and N (NH4Cl) and P 
additions (KPO4) increased nutrient concentrations by 2.5 mg N/L and 0.36 mg P/L, 
respectively.  To examine the potential influence of photosynthesis, half of the jars from 
each nutrient treatment were covered in aluminum foil to exclude light and inhibit 
photosynthesis and the other half were left unwrapped.  We included 12 replicates of 
each nutrient treatment, where half were incubated in the dark and the other half 
incubated in the light.   
Biofilms were incubated for seven days on a shaker table (50 rpm) in a growth chamber 
held at a temperature of 12°C with a 15-hour photoperiod illuminated using cool white 
fluorescent bulbs (4200 K color temperature, Sylvania Supersaver, Osram Sylvania 
Products Inc.).  Average photosynthetically active radiation in the growth chamber, 
measured with a LI-COR LI-190R quantum sensor, was 27.3 µmols photons m-2 sec-1.  
We sampled half of the biofilms from each nutrient and light treatment incubated at the 
start of the experiment (within 10 seconds).  These samples were immediately frozen and 
stored at -20°C until DNA analyses.  As these biofilms were only incubated in 13C-
hemicellulose-amended river water for10 seconds, we assumed bacteria did not 
incorporate 13C into their DNA and thus served as baseline assemblages.  We sampled the 
remaining half of the biofilms at the end of the 7-day incubation.  Bacteria in these 
biofilms with 13C-labeled DNA were assumed to have assimilated 13C-hemicellulose.  
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DNA extraction, fractionation, and analysis 
We performed DNA-SIP analyses following a combination of the methods outlined in 
Neufeld et al. (2007) and Aanderud and Lennon (2011).  First, we extracted genomic 
DNA from each biofilm-colonized disc using a PowerSoil DNA Isolation Kit (MoBio, 
Carlsbad, California, USA).  Next, we used ultracentrifugation to separate DNA by 
density. We added at least 1 µg of DNA, cesium chloride (CsCl; density = 1.89 g/mL), 
and gradient buffer (GB; 0.1 M Tris, 0.1 M KCl and 1 mM EDTA) to 4.7-mL OptiSeal 
polyallomer tubes (Beckman Coulter Inc., Brea, CA).   Tubes were then balanced to 
within ±0.01 g, loaded into a TLA 110 rotor (Beckman Coulter Inc., Brea, CA), and 
centrifuged on an Optima Max-XP benchtop ultracentrifuge (Beckman Coulter Inc., 
Brea, CA) for at least 72 hours at a speed of 58,000 rpm at 20°C.  The resulting DNA 
density gradient created by ultracentrifugation was then split into 28 density fractions 
using a fraction recovery system (Beckman Coulter Inc., Brea, CA) connected to a single-
syringe infusion pump (flow rate of 25.7 mL/h) which used mineral oil to displace the 
DNA-CsCl-GB buffer mixture.  Two blanks without DNA were included in each 
centrifuge run and the density of each fraction measured on a Reichert AR200 Digital 
Refractometer (Reichert Analytical Instruments, Depew, NY) to establish the density 
gradient for the specific conditions of each centrifuge run. To precipitate DNA, we added 
1 µg glycogen and 2 volumes of PEG solution (30% wt/vol polyethylene glycol 6000 
dissolved in 1.6 M NaCl) to each fraction, incubated fractions at room temperature for at 
least 2 hours and then centrifuged fractions for 30 minutes at a speed of 13,000 rpm at 
20°C, decanting the resulting supernatant. Next, to wash DNA, we added 500 µL of ice-
cold 70% ethanol to each fraction and centrifuged fractions for 10 minutes at a speed of 
20 
 
13,000 rpm at 20°C, decanting the resulting supernatant. Last, we resuspended DNA in 
nuclease-free water on ice and stored at -20°C.   
To quantify the amounts of bacterial DNA in each fraction, we performed quantitative 
PCR (qPCR) with primers that target a fragment of the 16S rRNA gene.  qPCR analyses 
were conducted with a Mastercycler EP Realplex qPCR machine (Eppendorf, Hamburg, 
Germany) and PerfeCta® SYBR® Green FastMix® (Quanta Biosciences).  Reaction 
mixtures (15 µL) contained: 6.75 µL of 2x SYBR Green FastMix, 0.25 µL of forward 
primer Eub338 and 0.25 µL of reverse primer Eub518 (universal bacterial primer set), 1 
µL of DNA template, and 6.75 µL of nuclease-free water. We used the following thermal 
cycle conditions: an initial denaturation step at 95°C for 3 min, followed by 35 cycles of 
denaturation at 95°C for 20 s, annealing at 59.7°C for 30 s, and extension at 72°C for 30 
s.  Melting curve analyses were conducted to assess the presence of primer dimers.  We 
generated a qPCR standard from E. coli with a Topo TA cloning kit (Invitrogen).  After 
extracting plasmids from transformed cells, we used M13 forward and reverse primers 
from the cloning kit to generate PCR product to be used for the standard curve (101 to 108 
copies/µL).  Gene copies in each density fraction are expressed as ratios to the maximum 
quantity of copies per sample.   
To identify taxa with unlabeled DNA on day 0 (baseline assemblage), we pooled and 
sequenced DNA from bacterial assemblages on day 0 in fractions with a buoyant density 
in CsTFA ranging from 1.624 to 1.637 g/mL.  To identify taxa which assimilated 13C-
hemicellulose (C assimilators), we pooled and sequenced DNA from bacterial 
assemblages on day 7 in fractions with a buoyant density in CsTFA ranging from 1.656 
to 1.668 g/mL.  To account for taxa with high GC content DNA, we pooled and 
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sequenced DNA bacterial assemblages on day 0 in fractions with a buoyant density in 
CsTFA ranging from 1.656 to 1.668 g/mL and excluded these taxa from C assimilator 
assemblages in our assemblage composition analyses.  These densities provided a 
conservative estimate of taxa which assimilated 13C-hemicellulose, as it assumed that 
incorporation of 13C-hemicellulose led to a 0.019 – 0.044 g/mL increase in the buoyant 
density of 13C-labeled bacterial DNA, which is reasonable as unlabeled and fully 13C-
labeled DNA differ by ≤ ~ 0.04 g/mL (Lueders et al. 2004, Neufeld et al. 2007).  
We performed target metagenomics of the 16S rRNA gene on pooled samples to identify 
bacterial taxa with unlabeled and labeled DNA.  We targeted the V4 hypervariable region 
of the 16S rRNA gene using primers 16Sf (5’-GTGCCAGCMGCCGCGGTAA-3’) and 
16Sr (5’-GGACTACHVGGGTWTCTAAT-3’).  The primers contained a series of 
repeating eight-base pair barcodes, a forward or reverse Illumina primer, linker region, 
and primer pad to facilitate a dual-indexed Illumina sequencing approach (Caporaso et al. 
2012, Kozich et al. 2013, Aanderud et al. 2018).  The InvitrogenTM AccuPrimeTM Pfx 
SuperMix was used for the generation of 16S amplicons.  The thermocycler settings 
were: an initial denaturation step of 94°C for 3 min, followed by 35 cycles of 
denaturation at 94°C for 45 s, annealing at 55°C for 60 s, and elongation at 72°C for 90 s.  
A final elongation step was set for 72°C for 10 min and samples were then held at 4°C.  
Samples were then normalized using the SequalPrepTM Normalization Plate (96) Kit 
(Invitrogen, Carlsbad, CA, USA) and quantified on a Qubit® 2.0 Fluorometer 
(ThermoFisher Scientific, Waltham, MA, USA).  The samples were sequenced on an 
Illumina HiSeq 2500 platform (2×250; Illumina Biotechnology, San Diego, CA, USA) at 
the Brigham Young University DNA Sequencing Center (https://dnasc.byu.edu).  Primer 
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dimers were removed via Pippin Prep (Sage Science, Beverly, MA, USA).  Illumina 
sequence reads were analyzed in mothur (v. 1.35.1; Schloss et al., 2009) following the 
MiSeq SOP protocol (Kozich et al. 2013).  We removed chimeras with UCHIME (Edgar 
et al., 2011) and eliminated chloroplast, mitochondrial, archaeal, and eukaryotic gene 
sequences based on reference sequences from the Ribosomal Database Project (Cole et 
al., 2009).  We then aligned sequences against the SILVA 128 database 
(silva.nr_v128.align; Pruesse et al. 2007) with the SEED aligner and created operational 
taxonomic units (OTUs) based on uncorrected pairwise distances using a minimum 
coverage of 99% and minimum pairwise sequence similarity of 97%.  We used the 
‘phyloseq’ package (McMurdie and Holmes 2013) in R (R Core Team 2017) to combine 
taxonomy files and OTU tables generated in mothur.  We removed OTUs that were 
unclassified at the phylum level, phyla with a total abundance <10 and mean prevalence 
<2, and highly rare sequences (n ≤ 10; Brown et al. 2015).    
Baseline and C-assimilating bacterial assemblages 
To visualize potential differences between baseline and C assimilators in different 
nutrient treatments, we performed a principal coordinate analysis using a Bray-Curtis 
abundance-based distance matrix from the relative recovery of OTUs with the vegdist 
function in the ‘vegan’ package (Oksanen et al. 2014).  We then performed a 
PERMANOVA analysis (Anderson 2001) using the adonis function to test for the effects 
of assemblage (baseline, C assimilators) and nutrient treatment.  Last, we identified 
differentially abundant families (mean relative abundance > 0.1%) in baseline and C 
assimilator assemblages using the glm function in the ‘ALDEx2’ package in R 
(Fernandes et al. 2013).   
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To examine the effects of N and P on C assimilators, we performed a differential 
abundance analysis of families (mean relative abundance >0.1%) in C assimilator 
assemblages in each nutrient treatment using the methods described previously.  Next, we 
examined the effects of nutrients on C assimilator richness, where richness was 
quantified as the number of OTUs in each sample.  We tested the effects of N and P 
additions on richness using a two-way ANOVA and compared treatments using Tukey’s 
post-hoc tests.  Last, to examine differences in taxa co-occurrence patterns, we 
constructed network models of C assimilators in each nutrient treatment (Barberán et al. 
2012).  We calculated all possible Spearman’s rank correlations among OTUs present in 
at least 75% of samples of a given nutrient treatment.  This previous filtering step enabled 
us to focus on interactions among taxa that were consistently present in a given treatment.  
The nodes in each network represented individual OTUs and edges corresponded to valid 
co-occurrence events where Spearman’s correlation coefficient was > 0.9 or < -0.9 and 
statistically significant (p < 0.01).  We generated network graphs in the graphml format 
using the ‘igraph’ package in R (Csardi and Nepusz 2006) and then visualized networks 
in Gephi (v. 0.9.2) (Bastian et al. 2009). To describe networks, we calculated the 
following topological parameters: mean path length, mean degree, mean clustering 
coefficient, density, and modularity.  To identify influential families in each network, we 
calculated the percent, mean degree, and mean clustering coefficient of nodes belonging 
to each family. 
Ambient nutrients and biofilm biomass 
We measured ambient nutrient concentrations in Middle Provo River when we deployed 
NDS. We collected grab samples of river water for total nitrogen (TN) and total 
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phosphorus (TP) analyses and collected samples of river water filtered through pre-
combusted Whatman GF/F filters for nitrite + nitrate (hereafter NO3
-), ammonium 
(NH4
+), and soluble reactive phosphorus (SRP) analyses.  TN was quantified using a 
potassium persulfate digestion (Nydahl 1978) followed by a cadmium reduction for NO3
- 
(APHA 1998, EPA method 353.2).  TP was quantified using a potassium persulfate 
digestion followed by an ascorbic acid molybdenum reaction for SRP (Murphy and Riley 
1962, EPA method 365.1).  NO3
- and SRP were measured using the methods described 
above without digestion.  NH4
+ was quantified with an automated alkaline 
phenolhypochlorite reaction followed by spectrophotometric analysis (EPA method 
350.1, Solorzano 1969, APHA 1998).  The method detection limits were 8.0 µg/L for 
TN, 12.0 µg/L for TP, 6.0 µg/L for NH4
+, 4.0 µg/L for NO3
-, and 1.0 µg/L for SRP.   
To examine the potential for ambient nutrients to influence biofilms in our DNA-SIP 
experiment, we measured biofilm biomass responses to nutrient enrichment.  We 
constructed NDS containing control, N addition, P addition, and N plus P addition 
treatments using the methods described previously for NDS used to grow biofilms for the 
DNA-SIP experiment.  NDS for biomass analyses were deployed in the Middle Provo 
River concurrently with NDS for the DNA-SIP experiment.  At the end of the river 
deployment, biofilm-colonized discs from NDS for biomass analyses were stored at -
20°C.  We split biofilm-colonized discs and used one-half used for chlorophyll a 
determination and the other for ash-free dry mass (AFDM).  The disc area of each half 
was estimated with ImageJ software (Schneider et al. 2012).  Chlorophyll was extracted 
in hot ethanol, refrigerated overnight, and measured on a Turner Designs TD-700 
Fluorometer with phaeophytin correction after acidification (Hauer and Lamberti 2011).  
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AFDM samples were dried for 2 days at 60°C, combusted at 450°C for 2 hours, and the 
mass lost during combustion used to calculate AFDM (APHA 1998).  We examined the 
effects of nutrients on chlorophyll and AFDM using separate two-way ANOVAs with N 
addition and P addition included as fixed effects. 
RESULTS 
DNA-SIP and bacterial DNA density  
Bacterial assemblage DNA density increased during the seven-day 13C-hemicellulose 
DNA-SIP incubation (Supplemental Fig. 1), indicating some taxa assimilated 13C-
hemicellulose and incorporated the 13C into their DNA.  DNA sequencing of the samples 
containing the pooled fractions recovered 2,466,126 quality sequences and 1576 unique 
OTUs with samples possessing an average sequencing coverage of 99.1% ± 0.08 (mean ± 
SEM).  One sample from the 13C+P light exposed treatment and one sample from the 
13C+P dark exposed treatment were not included in our analyses due to a large proportion 
of low-quality sequences.  Data were rarefied to the smallest sample size, which resulted 
in 1335 unique OTUs.  The resulting rarefied dataset was used to perform all analyses 
except the differential abundance analyses in which the non-rarefied dataset was used.    
Hemicellulose-assimilating and baseline bacterial assemblages 
Hemicellulose-assimilating bacterial assemblages were distinct from baseline 
assemblages.  In a PCoA plot, C assimilator assemblages shifted away from baseline 
assemblages along the primary axis, which explained 37.6% of the variation (Fig. 1).  
Light exposure did not influence assemblage composition and C assimilators in light and 
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dark exposure treatments were indistinguishable (Supplemental Fig. 2).  A 
PERMANOVA analysis supported these interpretations, as assemblage (baseline, C 
assimilator light, C assimilator dark) explained 39% of the variation (F2,40 = 16.0 p < 
0.001) and in post-hoc pairwise comparisons, the C assimilator light and C assimilator 
dark assemblages were not significantly different from each other (p = 0.83) but were 
both significantly different from the baseline assemblage (both p = 0.002).   
Families that were abundant and rare in baseline assemblages both metabolized 
hemicellulose C.  Flavobacteriaceae (Bacteroidetes), Burkholderiaceae 
(Gammaproteobacteria) and Pseudomonadaceae (Gammaproteobacteria), which 
comprised 33.4 ± 2.4%, 30 ± 1.9%, and 13.2 ± 2.5% of baseline assemblages by 
abundance, were strong hemicellulose assimilators, but were significantly less abundant, 
comprising only 9.9 ± 1.5%, 13.4 ± 2.5% and 5 ± 1.1% of C assimilator assemblages by 
abundance, respectively (Fig. 2; Supplemental Tables 1 and 2).  Several families which 
were rare in baseline assemblages had notably strong growth responses to hemicellulose.  
Sphingobacteriaceae (Bacteroidetes) was one of the most abundant C assimilators, 
comprising 6.4 ± 1.2% of C assimilator assemblages by abundance, a 64-fold increase 
relative to baseline.  Similarly, Aeromonadaceae (Gammaproteobacteria), Rikenellaceae 
(Bacteroidetes), Paludibacteraceae (Bacteroidetes), and Devosiaceae 
(Alphaproteobacteria) were below detection limits in baseline assemblages but comprised 
3 ± 0.9%, 2 ± 0.7%, 1.8 ± 1.1%, and 1 ± 0.4% of C assimilators by abundance, 




Nutrients effects on C assimilator composition  
Nutrients, particularly 13C+N addition, distinguished C assimilator assemblages in a 
PCoA plot, shifting assemblages along the secondary axis which explained 13.7% of the 
variation (Fig 1).  13C+N additions most clearly separated assemblages from 
13C+controls, while 13C+P and 13C+N+P additions modestly shifted assemblages in the 
opposite direction.  PCoA results were supported by a PERMANOVA analysis of C 
assimilators in the different nutrient treatments, which demonstrated that nutrients had a 
significant effect on composition (F3,19 = 4.7 p < 0.001 R
2 = 0.42).  Further, in post-hoc 
pairwise comparisons, all nutrient treatments were significantly different (all p ≤ 0.006) 
and 42% of the variation was explained between 13C+N and 13C+controls, but only 18% 
explained between 13C+P and 13C+controls and 20% explained between 13C+N+P and 
13C+controls. 
13C+N and 13C+N+P additions stimulated distinct C assimilator families (>1% mean 
relative abundance), while 13C+P additions did not have significant effects.  13C+N 
additions enabled Spirosomaceae (Bacteroidetes) to dominate 13C+N assemblages, where 
it comprised 68 ± 5.0% by abundance, a 14-fold increase relative to 13C+controls (Fig. 3; 
Table 1; Supplemental Table 3).  13C+N addition also increased the abundance of 
Rubritaleaceae (Verrucomicrobia) by 5-fold above 13C+controls and decreased the 
abundance of Aeromonadaceae (Gammaproteobacteria) by 92% below 13C+controls.  
13C+N+P addition stimulated families which dominated baseline assemblages, increasing 
the abundance Flavobacteriaceae and Burkholderiaceae by 2.8- and 2.6-fold, respectively 
above 13C+controls.  
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13C+N and 13C+P additions had contrasting effects on C assimilator richness (Fig. 4).  
13C+P elevated C assimilator richness by 78% while 13C+N decreased richness by 25% 
relative to 13C+controls.  In a two-way ANOVA, N addition (partial Eta-squared = 0.33, 
F1,14 = 6.7 p = 0.02) and P addition (partial Eta-squared = 0.44, F1,14 = 11.0 p = 0.005) 
had significant independent effects but did not have a significant interactive effect (p = 
0.37).  
C assimilator co-occurrence patterns  
13C+P visibly enhanced taxa co-occurrence patterns relative to all other treatments in co-
occurrence network analyses (Fig. 5).  The 13C+P co-occurrence network contained 16-
fold more nodes and more than 100-fold more edges than the 13C+control network (Table 
2), where nodes represent taxa with a significant correlation to another taxa and edges 
represent those correlations.  13C+P enhanced positive correlations among taxa, as 85% of 
edges in the 13C+P network were positive while only 33% in the 13C+control network 
were positive.  The 13C+P network included taxa from 27 different families and 
Burkholderiaceae was particularly prominent (25% nodes; Table 3).  13C+N and 13C+N+P 
had far weaker, but nonetheless positive effects on taxa co-occurrence patterns (Fig. 5), 
as the networks contained at least two-fold more nodes and three-fold more edges than 
the 13C+control network (Table 2).  13C+N network was comprised predominantly of 
Flavobacteriaceae (23% of nodes), Spirosomaceae (15%), and Rubritaleaceae (15%) 
while 13C+N+P network was dominated by Flavobacteriaceae (22% of nodes), 




Ambient nutrients and biofilm biomass response to nutrients 
Ambient N and P concentrations in the Middle Provo River were moderate (Table 4) and 
did not limit biofilm biomass.  Biofilms grown on NDS had a mean ± SEM chlorophyll a 
concentration of 220 ± 6.5 mg/m2 and mean ± SEM AFDM of 153 ± 15 g/m2.  In separate 
two-way ANOVAs testing the effects of N addition and P addition on chlorophyll a 
concentration and AFDM, the effects of N and P were not statistically significant (all p > 
0.09).  
DISCUSSION 
Unexpectedly, 13C DNA-SIP results identified both abundant and rare bacterial families 
proficiently metabolizing hemicellulose-C from the water column.  We expected only 
certain abundant taxa to assimilate and grow using hemicellulose-C, as abundant taxa 
exert a strong control over C processing. Although the most abundant families in baseline 
assemblages, Burkholderiaceae, Flavobacteriaceae and Pseudomonadaceae, did 
metabolize and grow using hemicellulose-C, the families were less abundant as compared 
to other taxa in C assimilator assemblages. Unexpectedly, several families which were 
rare in baseline communities, including Sphingobacteriaceae, Aeromonadaceae and 
Rikenellaceae, had notably strong growth responses to C, each comprising at least 2% of 
C assimilators by abundance.  Rare taxa harbor tremendous levels of biodiversity, 
potentially including genes to produce hydrolytic enzymes to degrade hemicellulose and 
other high-molecular-weight compounds (Pedrós-Alió 2012).  For example, 
Sphingobacteriaceae, a rare family in our baseline biofilms, had a particularly strong 
response to hemicellulose. Sphingobacteriaceae are able to degrade a broad range of 
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high-molecular-weight carbon compounds (Krieg et al. 2010, Lambiase 2014) and can be 
abundant C metabolizers in freshwaters (Dickerson and Williams 2014). 
Sphingobacteriaceae can be enriched in genes encoding for hemicellulose-degrading 
enzymes (Jiménez et al. 2015a).  For example, members of this family secreted a 
dominant portion of hemicellulose-degrading enzymes in soil microbial communities 
grown on wheat straw (Jiménez et al. 2015b). Low ambient hemicellulose concentrations 
at our study site may have dictated the rarity of hemicellulose metabolizing taxa in 
baseline assemblages. Our study site was located immediately below Jordanelle 
Reservoir, a large reservoir with a maximum surface area of ~13.5 km2 (Jones et al. 
2017). While in the reservoir, hemicellulose and organic C compounds may become 
partially degraded. Organic matter fluorescence analyses at our study site and other 
downstream locations on the Middle Provo River indicated organic C had strong humic-
like signature, suggesting terrestrial C was microbially processed (Kelso 2018). 
As hypothesized, N additions enhanced the dominance of a small number of abundant 
bacteria, suggesting N may have stimulated the production of extracellular enzymes 
needed to process hemicellulose.  Rubritaleaceae and, particularly, Spirosomaceae, 
rapidly exploited N and grew using hemicellulose-C and Spirosomaceae ultimately 
dominated the 13C+N assimilator assemblage, comprising 68% by abundance.  
Spirosomaceae, Rubritaleaceae and other highly abundant C assimilators, such as 
Flavobacteriaceae and Sphingobacteriaceae, comprised the majority of correlations 
among bacterial taxa in co-occurrence network analysis, suggesting their dominant ability 
to exploit N and metabolize C enabled them to maintain stable correlative relationships 
with other taxa.  The dominance-enhancing effect of N aligns with our expectations, 
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although the mechanisms underlying the effect are unclear.  It is known that the aerobic 
families Spirosomaceae, Rubritaleaceae, Flavobacteriaceae and Sphingobacteriaceae 
possess broad polysaccharide degradative abilities (Kirchman 2002, Martinez-Garcia et 
al. 2012, Lambiase 2014, McBride 2014, McBride et al. 2014, Rosenberg, 2014). As 
extracellular enzymes involved in C processing are particularly N-rich (Sterner and Elser 
2002), we hypothesize these families may have scavenged excess N to more fully 
decompose hemicellulose. N additions may have elevated the ability of certain abundant 
bacteria to process C, ultimately enabling them to dominate. Future studies examining the 
potential influence of N additions on taxa-specific secretions of extracellular enzyme and 
taxa-specific bacteria biomass stoichiometric analyses can provide further insight into the 
potential mechanisms underlying the dominance-enhancing effect of N on C metabolism. 
With the projected increase in N concentrations in streams worldwide during the 
Anthropocene, Spirosomaceae and other potential taxa that may dominate under N-
enriched conditions may become particularly influential in stream C processing.  The 
Spirosomaceae possess the potential to dominate aquatic communities in general, as 
members of Spirosomaceae dominated bacterioplankton communities in arctic rivers 
(Crump et al. 2009), the Danube River (Savio et al. 2015), and a small turbid glacial lake 
(Peter and Sommaruga 2016).  A bloom of the Spirosomaceae genus Arcicella increased 
its abundance from <0.2% to 32% in a temperate eutrophic lake (Wurzbacher et al. 
2017).  Our results suggest that this group may be a key responder to future increases in 
N pollution.  However, the ecological ramifications of such dominance in C processing 
bacterial assemblages is less clear.  Similar to our results, N additions enhanced 
dominance in Antarctic soil bacterial communities (Aanderud et al. 2018), allowing one 
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previously rare Arthrobacter species to dominate, comprising 47% of community 
abundance and stimulating respiration by 136%.  While dominance may enhance C 
processing rates, depressed richness and sparse co-occurrence patterns resulting from this 
dominance may reduce the resilience of C processing bacterial assemblages to 
disturbance (Karimi et al. 2017). 
Due to the importance of P in supporting cellular growth in all bacteria, P additions 
universally stimulate bacterial assemblages.  As expected, and in contrast to N, P addition 
activated C metabolism among a rich and highly stable assemblage of taxa creating a 
consortium of species interacting together to degrade hemicellulose.  P visibly increased 
positive correlations among taxa in co-occurrence network analyses, suggesting taxa 
within the assemblage maintained stable relative abundances with other taxa, either due 
to shared affinity for P-rich conditions or facilitative interactions (Karimi et al. 2017).  
These results aligned with our expectation that P would enhance richness of C 
metabolizers, as P is associated with enhanced cell division and growth due to the P-rich 
nature of DNA and ribosomes (Sterner and Elser 2002).  P is also important for the 
maintenance of freshwater bacterial diversity and ambient total phosphorus (TP) 
concentrations.  In our experiment, P concentrations (0.02 mg/L) were within the range of 
TP concentrations in freshwater lakes where TP lead to a decrease in bacterial dormancy 
(<0.01 - 0.04 mg/L; Jones and Lennon 2010).  The ecological ramifications of P 
enrichment on stream C processing may also differ strongly from N, the rich and highly 
interconnected co-occurrence network suggest P enrichment may enhance the stability 
and resilience of C processing bacterial assemblages to environmental change (Freedman 
and Zak 2015).   
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Our combined N and P additions moderated the distinctly different effects of N and P 
added alone, underscoring the important stoichiometric relationship between the two 
nutrients. N plus P additions did not enable Spirosomaceae to dominate as it did when N 
was added alone. And, unlike when P was added alone, N plus P created only modest 
positive effects on richness and co-occurrence patterns. Instead, N and P additions 
supported C metabolism by taxa which were abundant in baseline assemblages, such as 
Burkholderiaceae, Flavobacteriaceae, and Pseudomonadaceae. Further, combined N and 
P additions supported C metabolizers that most closely resembled those in controls where 
neither N nor P were added. Biofilms in control and combined N and P addition 
treatments both likely experience stoichiometrically balanced N and P conditions. 
Ambient N and P concentrations in stream water used for our experiment were close to 
the Redfield ratio, with molar TN:TP and DIN:SRP ratios of 26:1 and 21:1, respectively. 
Our combined N and P additions likely maintained balanced conditions, as N and P were 
added at a ratio of 15:1. Our results suggest balanced N and P enrichment may be 
particularly important in supporting C metabolism of abundant taxa and underscore the 
potential for a balanced addition of N and P to elicit only moderate responses within 
communities.    
CONCLUSIONS 
13C DNA-SIP results identified a surprisingly rich set of both abundant and rare bacterial 
families metabolizing hemicellulose-C, demonstrating the potential for diverse bacterial 
assemblages to contribute to C processing in streams.  N and P had strikingly distinct 
effects on the composition and co-occurrence patterns of C metabolizing bacterial 
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assemblages.  Human activities that elevate the concentration of N and P in streams 
worldwide may create unique effects on biofilm bacteria contributing to C processing.  
ACKNOWLEDGEMENTS 
Author contributions: EO, SU, MB and ZA contributed to the study design.  EO, SU and 
NG carried out the experiment and lab work.  EO carried out the analyses.  EO, MB and 
ZA wrote the manuscript. All authors substantially contributed to commenting and 
revising it.   
This project was supported by the Utah State University Presidential Doctoral Research 
Fellowship Program, the NSF-funded iUTAH project (NSF EPSCoR award IIA 
1208732), and the Ecology Center at Utah State University.  The authors declare that the 
research was conducted in the absence of any commercial or financial relationships that 
could be construed as a potential conflict of interest. We thank Drs. Bethany Neilson, 
John Stark and Wayne Wurtsbaugh whose comments greatly improved the manuscript. 
We also thank members of the Utah State University Aquatic Biogeochemistry and 





Aanderud, Z. T., and J. T. Lennon.  2011. Validation of heavy-water stable isotope 
probing for the characterization of rapidly responding soil bacteria. Applied and 
Environmental Microbiology 77: 4589–4596.  
Aanderud, Z. T., S. Saurey, B. A. Ball, D. H. Wall, J. E. Barrett, M. E. Muscarella,  N. A. 
Griffin, R. A. Virginia, and B. J. Adams. 2018. Stoichiometric shifts in soil C: N: P 
promote bacterial taxa dominance, maintain biodiversity, and deconstruct community 
assemblages. Frontiers in Microbiology 9: 1401. 
Anderson, M. J. 2001. A new method for non-parametric multivariate analysis of 
variance. Austral Ecology 26:32–46. 
American Public Health Association (APHA). 1998. Standard Methods for the 
Examination of Water and Wastewater, 20th ed. American Public Health Association, 
Washington, District of Columbia. 
Aufdenkampe, A .K., E. Mayorga, P. A. Raymond, J. M. Melack, S. C.  Doney, S. R. 
Alin, R. E. Aalto, and K. Yoo. 2011. Riverine coupling of biogeochemical cycles 
between land, oceans, and atmosphere. Frontiers in Ecology and Environment 9:53–60.  
Balmonte, J. P., A. Buckley, A. Hoarfrost, S. Ghobrial, K. Ziervogel, A. Teske, and C. 
Arnosti. 2019. Community structural differences shape microbial responses to high 
molecular weight organic matter. Environmental Microbiology 21:557–571.  
Barberán, A., S. T. Bates, E. O. Casamayor, and N. Fierer. 2012. Using network analysis 
to explore co-occurrence patterns in soil microbial communities. ISME J. 6: 343-351. 
Bastian, M., S.  Heymann, and M. Jacomy.  2009. Gephi: an open source software for 
exploring and manipulating networks. Third International AAAI Conference on Weblogs 
and Social Media. 
Battin, T. J., K. Besemer, M. M. Bengtsson, A. M. Romani,and A. I., Packman. 2016. 
The ecology and biogeochemistry of stream biofilms. Nature Reviews Microbiology 14: 
251–263. 
Battin, T .J., L. A. Kaplan, S. Findlay, C. S. Hopkinson, E. Marti, A. I.  Packman, J. D. 
Newbold, and F. Sabater. 2008. Biophysical controls on organic carbon fluxes in fluvial 
networks. Nature Geoscience : 95–100.  
Brown, S. P., A. M. Veach, A.  R. Rigdon-Huss, K. Grond, S. K. Lickteig, K. Lothamer, 
A. K. Oliver, and A. Jumpponen. 2015. Scraping the bottom of the barrel: are rare high 




Caporaso, J.  G., C. L. Lauber, W. A. Walters, D. Berg-Lyons,  J. Huntley, N. Fierer, S. 
M. Owens, J. Betley,  L.  Fraser, and M. Bauer. 2012. Ultra-high-throughput microbial 
community analysis on the Illumina HiSeq and MiSeq platforms. ISME J. 6:1621-1624. 
Chen, H. 2014. Chemical composition and structure of natural lignocellulose. Pages 25-
71 in Biotechnology of Lignocellulose. Springer, Dordrecht. 
Cole, J. J., Y. T. Prairie, N. F. Caraco, W. H. McDowell, L.  J. Tranvik, R.  G. Striegl, C. 
M. Duarte, P. Kortelainen, J. A. Downing, J. J. Middelburg, and J. Melack. 2007. 
Plumbing the global carbon cycle: integrating inland waters into the terrestrial carbon 
budget. Ecosystems 10: 171–184. 
Crump, B. C., B. J. Peterson, P. A. Raymond, R. M. Amon, A. Rinehart, J. W. 
McClelland, and R. M. Holmes. 2009. Circumpolar synchrony in big river 
bacterioplankton. Proceedings of the National Academy of Sciences 106:21208–21212. 
Csardi, G., and T. Nepusz. 2006. The igraph software package for complex network 
research. International Journal of Complex Systems 1695:1–9. 
Dickerson, T .L., and H. N. Williams. 2014. Functional diversity of bacterioplankton in 
three north Florida freshwater lakes over an annual cycle. Microbial Ecology 67:34–44.  
Domozych, D., M. Ciancia, J. U. Fangel. M. D. Mikkelsen, P. Ulvskov, and W. G. 
Willats.  2012. The cell walls of green algae: a journey through evolution and diversity. 
Frontiers in Plant Science 3:82. 
Elser, J. J., K. Acharya, M. Kyle, J. Cotner, W. Makino, T. Markow, T. Watts, S. Hobbie, 
W. Fagan, J. Schade, J. Hood, and R. W. Sterner. 2003. Growth rate–stoichiometry 
couplings in diverse biota. Ecology Letters 6:936–943. 
Elser, J. J., R. W. Sterner, E.  Gorokhova, W. F. Fagan, T. A. Markow, J. B. Cotner, J. F. 
Harrison, S. E.  Hobbie, G. M. Odell, and L. W. Weider. 2000. Biological stoichiometry 
from genes to ecosystems. Ecology Letters 3:540–550. 
Fernandes, A. D., J. M. Macklaim, T. G. Linn, G. Reid, and G. B. Gloor. 2013. ANOVA-
like differential expression (ALDEx) analysis for mixed population RNA-Seq. PLOS 
ONE 8, e67019.  
Findlay, S., Sinsabaugh, R. L. (Eds.), 2003. Aquatic ecosystems: interactivity of 
dissolved organic matter, Aquatic ecology series. Academic Press, an imprint of Elsevier 
Science, San Diego. 
Freedman, Z. B., and D. R. Zak. 2015. Atmospheric N deposition alters connectance, but 
not functional potential among saprotrophic bacterial communities. Molecular Ecology 
24:3170–3180.  
Godwin, C. M., and J. B. Cotner. 2015. Aquatic heterotrophic bacteria have highly 
flexible phosphorus content and biomass stoichiometry. ISME J. 9: 2324–2327.  
37 
 
Hauer, F. R.,  and G. A. Lamberti. 2011. Methods in Stream Ecology. Academic Press. 
Hotchkiss, E. R., R. O. Hall Jr, R. A. Sponseller, D. Butman, J. Klaminder, H. Laudon, 
M. Rosvall, and J. Karlsson. 2015. Sources of and processes controlling CO2 emissions 
change with the size of streams and rivers. Nature Geoscience 8:696–699.  
Jabiol, J., A. Lecerf, S. Lamothe, M. O. Gessner, and E. Chauvet. 2019. Litter quality 
modulates effects of dissolved nitrogen on leaf decomposition by stream microbial 
communities. Microbial Ecology 77:959–966.  
Jiménez, D.  J., D. Chaves-Moreno, and J. D. van Elsas. 2015a. Unveiling the metabolic 
potential of two soil-derived microbial consortia selected on wheat straw. Scientific 
Reports 5:13845.  
Jiménez, D. J., M. Maruthamuthu, and J. D. Elsas.  2015b. Metasecretome analysis of a 
lignocellulolytic microbial consortium grown on wheat straw, xylan and xylose. 
Biotechnology for Biofuels 8: 199.  
Jones, A. S., Z. T. Aanderud, J. S. Horsburgh, D. P. Eiriksson, D. Dastrup, C. Cox, S. B. 
Jones, D. R. Bowling, J. Carlisle, G. T. Carling, and M. A. Baker. 2017. Designing and 
implementing a network for sensing water quality and hydrology across mountain to 
urban transitions. Journal of the American Water Resources Association 53:1095–1120. 
Jones, S. E., and J. T. Lennon. 2010. Dormancy contributes to the maintenance of 
microbial diversity. Proceedings of the National Academy of Sciences 107:5881–5886.  
Karimi, B., P. A. Maron, N. Chemidlin-Prevost Boure, Bernard, D. Gilbert, and L. 
Ranjard. 2017. Microbial diversity and ecological networks as indicators of 
environmental quality. Environmental Chemistry Letters 15:265–281.  
Kelso, J. E., 2018. Organic Matter Sources, Composition, and Quality in Rivers and 
Experimental Streams (PhD Dissertation). Utah State University, Logan, Utah. 
Kirchman, D. L., 2002. The ecology of Cytophaga–Flavobacteria in aquatic 
environments. FEMS Microbiology Ecology 39: 91–100. 
Kozich, J. J., S. L. Westcott, N. T. Baxter, S. K. Highlander, and P. D. Schloss. 2013. 
Development of a dual-index sequencing strategy and curation pipeline for analyzing 
amplicon sequence data on the MiSeq Illumina sequencing platform. Applied and 
Environmental Microbiology 79:5112-5120. 
Krieg, N. R., W. Ludwig, W. Whitman, B. P. Hedlund, B. J. Paster, J. T. Staley, N. Ward, 
D. Brown, and A. Parte, A. (Eds.), 2010. Bergey’s Manual of Systematic Bacteriology: 
Volume 4: The Bacteroidetes, Spirochaetes, Tenericutes (Mollicutes), Acidobacteria, 
Fibrobacteres, Fusobacteria, Dictyoglomi, Gemmatimonadetes, Lentisphaerae, 





Lambiase, A., 2014. The family Sphingobacteriaceae, Pages 907-914 in E. Rosenberg, E. 
F. DeLong, S. Lory, E. Stackebrandt, and F. Thompson (editors). The Prokaryotes: Other 
Major Lineages of Bacteria and The Archaea. Springer, Berlin, Heidelberg.  
Lueders, T., M.  Manefield, and M.W. Friedrich. 2004. Enhanced sensitivity of DNA-and 
rRNA-based stable isotope probing by fractionation and quantitative analysis of 
isopycnic centrifugation gradients. Environmental Microbiology 6:73–78. 
Malmstrom, R. R., M. T. Cottrell, H. Elifantz, and D. L. Kirchman. 2005. Biomass 
production and assimilation of dissolved organic matter by SAR11 bacteria in the 
Northwest Atlantic Ocean. Applied and Environmental Microbiology 71: 2979–2986. 
Martinez-Garcia, M., D. M. Brazel, B. K. Swan, C. Arnosti, P. S. G. Chain, K. G. 
Reitenga, G. Xie, N. J. Poulton, M. L. Gomez, D. E. D. Masland, B.Thompson, W. K. 
Bellows, K. Ziervogel, C.- C. Lo, S. Ahmed, C. D., Gleasner, C. J. Detter, and R. 
Stepanauskas,  2012. Capturing single cell genomes of active polysaccharide degraders: 
an unexpected contribution of Verrucomicrobia. PLOS ONE 7: e35314.  
McBride, M. J., 2014. The family Flavobacteriaceae. Pages 643-676 in E. Rosenberg, E. 
F. DeLong, S. Lory, E. Stackebrandt, and F. Thompson (editors). The prokaryotes. 
Springer-Verlag Berlin Heidelberg. 
McBride, M. J., W. Liu, X. Lu, Y. Zhu, and W. Zhang. 2014. The family Cytophagaceae. 
Pages 577-593 in E. Rosenberg, E. F. DeLong, S. Lory, E. Stackebrandt, and F. 
Thompson (editors). The prokaryotes: other major lineages of Bacteria and the Archaea. 
Springer-Verlag Berlin Heidelberg.  
McMurdie, P. J., and S. Holmes. 2013. phyloseq: an R package for reproducible 
interactive analysis and graphics of microbiome census data. PloS One 8: e61217. 
Murphy, J., and J. P. Riley. 1962. A modified single solution method for the 
determination of phosphate in natural waters. Analytica Chimica Acta 27: 31–36.  
Neufeld, J. D., J. Vohra, M. G. Dumont, T. Lueders, M. Manefield, M. W. Friedrich, and 
J. C. Murrell. 2007. DNA stable-isotope probing. Nature Protocols. 2:860–866.  
Nydahl, F., 1978. On the peroxodisulphate oxidation of total nitrogen in waters to nitrate. 
Water Research 12:1123–1130.  
Oksanen, J., F. G. Blanchet, R. Kindt, P. Legendre, R. B. O’Hara, G. L. Simpson, P. 
Solymos, M. H. H. Stevens, and H.,Wagner. 2014. vegan: community ecology package. 
R package version 2.0-0. 




Peter, H., and R. Sommaruga. 2016. Shifts in diversity and function of lake bacterial 
communities upon glacier retreat. ISME J. 10:1545–1554. 
Pruesse, E., C. Quast, K. Knittel, B. M. Fuchs, W. Ludwig, J. Peplies, and F. O. 
Glöckner. 2007. SILVA: a comprehensive online resource for quality checked and 
aligned ribosomal RNA sequence data compatible with ARB. Nucleic Acids Research 
35:7188–7196. 
R Core Team, 2017. R: A language and environment for statistical computing. R 
Foundation for Statistical Computing, Vienna, Austria. 
Radajewski, S., P. Ineson, N. R. Parekh, and J. C. Murrell. 2000. Stable-isotope probing 
as a tool in microbial ecology. Nature 403:646–649.  
Rosenberg, E., 2014. The family Rubritaleaceae Pages 861-862 in E. Rosenberg, E. F. 
DeLong, S.  Lory, E. Stackebrandt, and F. Thompson (editors). The prokaryotes: other 
major lineages of Bacteria and the Archaea. Springer-Verlag Berlin Heidelberg.  
Savio, D., L. Sinclair, U. Z. Ijaz, J. Parajka, G. H. Reischer, P. Stadler, A. P. Blaschke, G. 
Blöschl, R. L. Mach, A. K. T. Kirschner, A. H. Farnleitner, and A. Eiler. 2015. Bacterial 
diversity along a 2600 km river continuum. Environmental Microbiology 17:4994–5007.  
Schloss, P. D., S. L. Westcott, T. Ryabin, J. R. Hall, M. Hartmann, E. B. Hollister, R. A. 
Lesniewski, B. B. Oakley, D. H. Parks, C. J. Robinson, J. W. Sahl, B. Stres, G. G. 
Thallinger, D. J. Van Horn, and C. F. Weber. 2009. Introducing mothur: open-source, 
platform-independent, community-supported software for describing and comparing 
microbial communities. Applied and Environmental Microbiology 75:7537–7541.  
Schneider, C. A., W. S. Rasband, and K. W. Eliceiri. 2012. NIH Image to ImageJ: 25 
years of image analysis. Nature Methods 9:671–675. 
Solorzano, L., 1969. Determination of ammonia in natural waters by the 
phenolhypochlorite method. Limnology and  Oceanography 14: 799–801. 
Sterner, R. W., and J. J. Elser. 2002. Ecological stoichiometry: the biology of elements 
from molecules to the biosphere. Princeton University Press, Princeton, New Jersey. 
Tank, J. L., M. J. Bernot, and E. J. Rosi-Marshall. 2007. Nitrogen limitation and uptake 
Pages 213-238 in G. A. Lamberti and F. R. Hauer (editors). Methods in stream ecology 
(Second Edition). Academic Press, San Diego, California. 
Wurzbacher, C., K. Attermeyer, M. T. Kettner, C. Flintrop, N. Warthmann, S. Hilt,  H. P. 
Grossart, and M. T. Monaghan. 2017. DNA metabarcoding of unfractionated water 
samples relates phyto‐, zoo‐and bacterioplankton dynamics and reveals a single‐taxon 






Figure 1.  Principal coordinate analysis of baseline and C assimilator bacterial 
assemblages in nutrient treatments generated using Bray-Curtis distances on a sample × 
OTU matrix of 16S rDNA community libraries (97% similarity cut-off).  Baseline 
assemblages are OTUs on day 0 of 13C-hemicellulose DNA-SIP incubation with 
unlabeled DNA.  C assimilator assemblages are OTUs on day 7 of the incubation with 
13C-labeled DNA.  Baseline and C assimilator assemblages are represented as different 
shapes and color shades and nutrient treatments are represented as different colors.  C 




Figure 2.  Relative abundance of differentially abundant families in baseline and C 
assimilator assemblages.  Families are ordered by decreasing abundance in baseline 
assemblages.  Values are means ± SEM (n = 23).  Differential relative abundance 
analysis of families with a mean relative abundance > 0.1% performed using ALDEx2.  
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Negative symbols above bars indicate families with significantly lower relative 
abundance in C assimilator as compared to baseline assemblages and plus symbol above 
bars indicate families with significantly higher relative abundance in C assimilator as 
compared to baseline assemblages (Benjamini-Hochberg adjusted p < 0.05 and effect size 






Figure 3.  Relative abundance of bacterial families in C assimilator assemblages in 
different nutrient treatments. Values are means ± SEM (n = 5-6).  Only families with 
significant differences in abundance between nutrient treatments are shown. Differential 
relative abundance analysis performed using ALDEx2.  Asterisks above bars indicate 
significant differences in relative abundance between a nutrient treatment and the 




Figure 4.  Richness of hemicellulose-assimilating assemblages in different nutrient 
treatments.  Values are means ± SEM (n = 5-6).  In a two-way ANOVA N addition and P 
addition had significant effects on C assimilator richness (N addition F1,14 = 6.7 p = 0.02; 
P addition F1,14 = 11.0 p = 0.005).  Bars with the same lowercase letter were not 




Figure 5. Co-occurrence networks of C assimilators in the different nutrient treatments.  
Node size reflects degree.  Blue and red edges indicate positive and negative significant 
correlations between taxa, respectively.  Edge thickness indicates strength of correlation.  
Network models constructed with Spearman’s correlation coefficient using both light and 




Table 1. Mean relative abundances (±SEM) of bacterial families (>1.0% abundance) in C 
assimilator assemblages exposed to different nutrient treatments. 
  C assimilators 
  13C+Control 13C+N 13C+P 13C+N+P 
Alphaproteobacteria Caulobacteraceae 1.4 ± 1.4 0.7 ± 0.3 1.4 ± 0.6 2.1 ± 0.8* 
 Sphingomonadaceae 0.8 ± 0.3 1.5 ± 0.5 3.2 ± 1.7 2.2 ± 0.9 
      
Bacteroidetes Chitinophagaceae 3.4 ± 1.0 0.8 ± 0.5 2.0 ± 0.6 1.2 ± 0.7 
 Flavobacteriaceae 6.8 ± 2.0 6.0 ± 2.3 8.1 ± 0.9 19 ± 2.2* 
 Paludibacteraceae 4.6 ± 4.1 0.5 ± 0.3 1.8 ± 1.1 0.1 ± 0.2 
 Rikenellaceae 1.6 ± 1.4 0.1 ± 0.1 2.1 ± 0.5 4.4 ± 2.1 
 Sphingobacteriaceae 2.9 ± 1.1 2.2 ± 0.8 13 ± 2.3 8.6 ± 1.9 
 Spirosomaceae 8.0 ± 3.6 68 ± 5.0* 2.8 ± 1.2 1.7 ± 0.7 
      
Gammaproteobacteria Aeromonadaceae 4.7 ± 2.1 0.1 ± 0.1* 7.6 ± 2.0 0.3 ± 0.3 
 Burkholderiaceae 9.4 ± 3.0 4.1 ± 2.8 17 ± 3.8 24 ± 5.6 
 Gammaproteobacteria unclassified 1.0 ± 0.7 0.7 ± 0.6 1.6 ± 0.7 4.1 ± 1.1 
 Pseudomonadaceae 3.1 ± 2.0 0.7 ± 0.6 7.2 ± 1.7 9.5 ± 2.2 
      
Patescibacteria Absconditabacteriales (SR1) family 24 ± 13 3.0 ± 2.7 2.4 ± 1.6 0* 
      
Verrucomicrobia Rubritaleaceae 0.5 ± 0.4 2.7 ± 1.2* 5.2 ± 1.2* 1.6 ± 0.5 
 Verrucomicrobiaceae 3.7 ± 2.3 0.9 ± 0.4 5.0 ± 1.8 2.4 ± 1.3 
Note: Nutrient treatments include 13C addition (13C+control), 13C plus N addition (13C+N), 13C plus P 
addition (13C+P), and 13C plus N plus P addition (13C+N+P), where 13C was added as 13C-hemicellulose (n 
= 5-6).  Bolded values with asterisks indicate families identified as differentially abundant in a generalized 
linear model testing the effects nutrient additions on C assimilator assemblages performed using ALDEx2 
(Benjamini-Hochberg adjusted p < 0.05).  Only families with a mean relative abundance >1.0% in C 




Table 2. Topological parameters and interaction characteristics for co-occurrence 
networks of C assimilators in different nutrient treatments. 
  13C+Control 13C+N 13C+P 13C+N+P 
Number of significant nodes 5 13 81 18 
Number of significant edges 3 9 334 14 
Positive edge percent 33% 56% 85% 64% 
Mean path length 1.3 1.3 7.7 1.9 
Mean degree 1.2 1.4 8.2 1.6 
Mean clustering coefficient 0.00 0.60 0.83 0.29 
Density 0.30 0.12 0.10 0.09 





Table 3. Percentages and counts of nodes by family in co-occurrence networks of C 
assimilators in different nutrient treatments. 
  Node percent (count) 
  13C+Control 13C+N 13C+P 13C+N+P 
Actinobacteria Intrasporangiaceae   1.2% (1)   
 Microtrichaceae   1.2% (1)   
      
Alphaproteobacteria Caulobacteraceae  7.7% (1) 1.2% (1) 5.6% (1) 
 Rhizobiaceae   2.5% (2)   
 Rhizobiales incertae sedis   1.2% (1)   
 Rhodobacteraceae   1.2% (1)   
      
Bacteroidetes Chitinophagaceae 40% (2)  3.7% (3)   
 Flavobacteriaceae  23% (3) 8.6% (7) 22% (4) 
 NS11-12 marine group   1.2% (1)   
 Paludibacteraceae 20% (1)  1.2% (1)   
 Rikenellaceae   2.5% (2) 11% (2) 
 Sphingobacteriaceae 20% (1) 7.7% (1) 3.7% (3) 5.6% (1) 
 Spirosomaceae  15% (2) 6.2% (5)   
      
Cyanobacteria Phormidiaceae   1.2% (1)   
      
Deltaproteobacteria Bacteriovoracaceae  7.7% (1)    
 Sandaracinaceae   1.2% (1)   
      
Epsilonbacteraeota Arcobacteraceae   1.2% (1)   
      
Fibrobacteres Fibrobacteraceae   1.2% (1)   
      
Firmicutes Clostridiaceae   2.5% (2)   
      
Gammaproteobacteria Aeromonadaceae   2.5% (2)   
 Alteromonadaceae   1.2% (1)   
 Burkholderiaceae   25% (20) 33% (6) 
 Chitinibacteraceae   1.2% (1)   
 Pseudomonadaceae   7.4% (6) 17% (3) 
 Rhodocyclaceae   1.2% (1)   
      
Patescibacteria Absconditabacteriales (SR1) family  7.7% (1) 1.2% (1)   
 Gracilibacteria family   2.5% (2)   
      
Planctomycetes Pirellulaceae  7.7% (1)    
      
Verrucomicrobia Chthoniobacteraceae   1.2% (1)   
 Rubritaleaceae  15% (2) 8.6% (7)   





Table 4. Ambient nutrient concentrations in the Middle Provo River where biofilms were 
grown for the DNA-SIP experiment. 
 Nutrient concentration 
TN (mg L-1) 0.21 ± 0.003 
TP (mg L-1) 0.02 ± 0.001 
NH4+ (mg L-1) 0.04 ± 0.015 
NO3- (mg L-1) 0.08 ± 0.006 
SRP (mg L-1) 0.01 ± 0.003 
Molar TN:TP 25.9 ± 1.43 
Molar DIN:SRP 21.2 ± 1.40 
Note: Chemistry values are means ± standard error of the mean on date of nutrient 
diffusing substrate (NDS) deployment (n=3).  Abbreviations are as follows: total nitrogen 
(TN), total phosphorus (TP), ammonium (NH4
+), nitrate (NO3
-), soluble reactive 








Supplemental Figure 1. DNA density of bacterial assemblages on day 0 and day 7 of the 
13C-hemicellulose DNA-SIP incubation.  Panels show the distribution of 16S rRNA 
genes in cesium trifluoroacetate (CsTFA) gradients from bacterial assemblages on day 0 
(top row) and day 7 (bottom row) of the 13C-hemicellulose DNA-SIP incubation 
experiment.  Bacterial assemblages from different nutrient treatments are shown in 
separate columns.  Day 0 nutrient treatments indicate bacterial assemblages from NDS 
containing no additions (control), nitrogen additions (N), phosphorus additions (P), or 
nitrogen plus phosphorus additions (N+P).  Day 7 nutrient treatments indicate bacterial 
assemblages incubated during the 13C-hemicellulose incubation experiment with 13C-
hemicellulose (13C+Control), 13C-hemicellulose+N, 13C-hemicellulose+P, or 13C-
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hemicellulose+N+P.  Values represent mean ± SEM (n = 5-6) of the ratio of 16S rRNA 
gene copies present in a specific fraction or density divided by the maximum quantity of 
gene copies found across all fractions for a given replicate (see Aanderud and Lennon 
2011).  Asterisks designate fractions that were pooled and sequenced in day 0 and day 7 
assemblages to identify baseline and C assimilator assemblages, respectively.  Crosses 
designate fractions that were pooled and sequenced in day 0 assemblages to identify taxa 
with naturally high-density DNA.  These taxa were then excluded from C assimilator 





Supplemental Figure 2.  Principal coordinate analysis of baseline and C assimilator 
assemblages incubated under light and dark conditions in different nutrient treatments 
generated using Bray-Curtis distances on a sample × OTU matrix of the 16S rDNA 
community library.  Baseline assemblages are OTUs on day 0 of 13C-hemicellulose 
DNA-SIP incubation with unlabeled DNA.  C assimilator assemblages are OTUs on day 
7 of the incubation with 13C-labeled DNA.  C assimilator assemblages were incubated 
under either light (C assim. light) or dark conditions (C assim. dark) during DNA-SIP 
experiment.  Baseline, C assimilator light and C assimilator dark assemblages are 
represented as different shapes and color shades and nutrient treatments are represented 
as different colors.  Nutrient treatments for C assimilator assemblages incubated under 





Supplemental Table 1.  Mean relative abundance (±SEM) of families in baseline and C 
assimilator communities (n = 23). 
  Baseline C assimilator 
Acidobacteria Solibacteraceae (Subgroup 3) 0 ± 0 0.3 ± 0.2 
Alphaproteobacteria Caedibacteraceae 0 ± 0 0.3 ± 0.1 
 Caulobacteraceae 0.2 ± 0 1.4 ± 0.4 
 Devosiaceae 0 ± 0 1 ± 0.4 
 Rhizobiaceae 0 ± 0 0.9 ± 0.3 
 Rhodobacteraceae 0.4 ± 0.1 0.8 ± 0.2 
 Sphingomonadaceae 0.7 ± 0.1 1.9 ± 0.5 
Armatimonadetes Armatimonadaceae 0 ± 0 0.6 ± 0.4 
Bacteroidetes Bacteroidia unclassified 0.7 ± 0.1 0.4 ± 0.2 
 Chitinophagaceae 1.2 ± 0.2 1.9 ± 0.4 
 Crocinitomicaceae 0.2 ± 0.1 0.1 ± 0 
 env.OPS 17 0.2 ± 0 0.4 ± 0.2 
 Flavobacteriaceae 33.4 ± 2.4 9.9 ± 1.5 
 Hymenobacteraceae 0 ± 0 0.3 ± 0.2 
 Microscillaceae 0.1 ± 0 0.2 ± 0.1 
 NS11-12 marine group 0 ± 0 0.3 ± 0.2 
 Paludibacteraceae 0 ± 0 1.8 ± 1.1 
 Rikenellaceae 0 ± 0 2 ± 0.7 
 Saprospiraceae 0.2 ± 0 0 ± 0 
 Sphingobacteriaceae 0.1 ± 0 6.4 ± 1.2 
 Spirosomaceae 8.9 ± 1.3 20.8 ± 6.2 
 Weeksellaceae 0 ± 0 0.3 ± 0.1 
Cyanobacteria Oxyphotobacteria unclassified 0.1 ± 0 0.1 ± 0.1 
 Phormidiaceae 4.9 ± 1 0.1 ± 0.1 
Deltaproteobacteria Bacteriovoracaceae 0 ± 0 0.6 ± 0.2 
 Bdellovibrionaceae 0 ± 0 0.2 ± 0.1 
 Sandaracinaceae 0 ± 0 0.2 ± 0.1 
Epsilonbacteraeota Arcobacteraceae 0.1 ± 0 0.2 ± 0.1 
Fibrobacteres Fibrobacteraceae 0 ± 0 0.2 ± 0.1 
Firmicutes Clostridiaceae 0 ± 0 0.6 ± 0.2 
Gammaproteobacteria Aeromonadaceae 0 ± 0 3 ± 0.9 
 Betaproteobacteriales unclassified 0 ± 0 0.5 ± 0.2 
 Burkholderiaceae 30 ± 1.9 13.4 ± 2.5 
 Cellvibrionaceae 0.3 ± 0.1 0.2 ± 0.2 
 Chitinibacteraceae 0.2 ± 0.1 0.4 ± 0.3 
 Enterobacteriaceae 0.3 ± 0.1 0.1 ± 0.1 
 Gammaproteobacteria unclassified 0 ± 0 1.8 ± 0.5 
 Methylophilaceae 0.1 ± 0 0.1 ± 0.1 
 Moraxellaceae 0.2 ± 0.1 0.2 ± 0.1 
 Nitrosomonadaceae 0.1 ± 0 0.1 ± 0.1 
 Pseudomonadaceae 13.2 ± 2.5 5 ± 1.1 
 Rhodocyclaceae 0.1 ± 0 0.4 ± 0.2 
 Xanthomonadaceae 1.4 ± 0.2 0.7 ± 0.2 
Hydrogenedentes Hydrogenedensaceae 0 ± 0 0.2 ± 0.1 
Patescibacteria Absconditabacteriales (SR1) family 0 ± 0 7.6 ± 3.9 
 Gracilibacteria family 0.2 ± 0 0.3 ± 0.2 
Planctomycetes Gemmataceae 0 ± 0 0.6 ± 0.3 
 Isosphaeraceae 0 ± 0 0.3 ± 0.2 
 Pirellulaceae 0 ± 0 0.7 ± 0.3 
Proteobacteria unclassified Proteobacteria unclassified 0.5 ± 0.2 0 ± 0 
Verrucomicrobia Chthoniobacteraceae 0 ± 0 0.8 ± 0.4 
 Opitutaceae 0 ± 0 0.5 ± 0.3 
 Pedosphaeraceae 0.1 ± 0 0.4 ± 0.2 
 Rubritaleaceae 0.4 ± 0.1 2.4 ± 0.5 
 Verrucomicrobiaceae 0.1 ± 0 2.9 ± 0.8 
Note: Bolded values with indicate families identified as differentially abundant in a 
generalized linear model comparing baseline and C assimilator communities performed 
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using ALDEx2 (Benjamini-Hochberg adjusted p < 0.05 and effect size > 1).  Only 





Supplemental Table 2. Results of a differential abundance analysis of families in 







Alphaproteobacteria Sphingomonadaceae -0.08 0.48 
    
Bacteroidetes Chitinophagaceae -0.68 0.004 
 Flavobacteriaceae -1.86 0.000 
 Rikenellaceae 1.24 0.000 
 Sphingobacteriaceae 2.75 0.000 
 Spirosomaceae -0.49 0.047 
    
Cyanobacteria Phormidiaceae -2.70 0.000 
    
Gammaproteobacteria Aeromonadaceae 1.21 0.000 
 Burkholderiaceae -1.70 0.000 
 Pseudomonadaceae -1.15 0.000 
 Xanthomonadaceae -1.36 0.000 
    
Patescibacteria 
Absconditabacteriales (SR1) 
family 0.91 0.000 
    
Verrucomicrobia Rubritaleaceae 0.08 0.739 
Note: Effect sizes, measured as the log2 standardized difference between baseline and C 
assimilators, and Benjamini-Hochberg adjusted p-values are reported.  Bolded values 
indicate families with significant differences in abundance in baseline and C assimilator 
assemblages (effect size > 1 and adj. p < 0.05).  Only families with a relative abundance 





Supplemental Table 3. Results of a differential abundance analysis of families in C 
assimilator assemblages in different nutrient treatments. 















Alphaproteobacteria Caulobacteraceae 0.9 0.20 0.5 0.51 1.1 0.12 
 Sphingomonadaceae 0.6 0.35 0.1 0.90 0.4 0.42 
        
Bacteroidetes Chitinophagaceae -1.0 0.15 -1.0 0.12 -0.9 0.08 
 Flavobacteriaceae 0.6 0.22 -0.4 0.66 1.2 0.03 
 Paludibacteraceae -0.3 0.55 -0.4 0.58 -0.4 0.44 
 Rikenellaceae -0.6 0.38 0.1 0.89 0.2 0.69 
 Sphingobacteriaceae -0.2 0.73 0.9 0.28 0.7 0.27 
 Spirosomaceae 2.9 0.02 -1.0 0.14 -0.6 0.23 
        
Gammaproteobacteria Aeromonadaceae -1.6 0.03 0.0 0.95 -1.2 0.07 
 Burkholderiaceae -0.4 0.51 -0.2 0.87 1.4 0.04 
 
Gammaproteobacteria 
unclassified -0.1 0.72 0.3 0.70 1.1 0.04 
 Pseudomonadaceae 0.0 0.82 0.7 0.33 1.2 0.07 
        
Patescibacteria 
Absconditabacteriales 
(SR1) family -1.0 0.13 -1.0 0.16 -2.5 0.02 
        
Verrucomicrobia Rubritaleaceae 2.8 0.02 1.8 0.06 0.7 0.16 
 Verrucomicrobiaceae -0.3 0.52 -0.2 0.81 -0.2 0.56 
Note: Effect sizes, measured as the log2 standardized difference between C assimilators, 
and Benjamini-Hochberg adjusted p-values are reported.  Bolded values indicate families 
with significant differences in abundance in baseline and C assimilator assemblages 
(effect size > 1 and adj. p < 0.05).  Only families with > 1.0% relative abundance 











ARE STREAM BIOFILM BACTERIA PARTICULAR ABOUT THE FORM OF 
NITROGEN THEY ASSIMILATE? 
 
Abstract:  Biofilm bacteria influence the movement of nitrogen (N) in stream 
environments by sequestering different inorganic and organic N forms from the water 
column and temporarily storing N as biomass. To identify and compare biofilm bacterial 
assemblages assimilating different dissolved inorganic and organic N forms, we allowed 
biofilms to form over 19 days on submerged 15N-nitrate- (15NO3
−), 15N-ammonium- 
(15NH4
+) and 15N-glycine-diffusing substrates and a control with no N addition (i.e., 
baseline) in a mesotrophic river (Provo River, Utah, USA). We then identified the 
bacterial assemblages using the three N forms with 15N DNA stable isotope probing. We 
hypothesized that differences in ambient NO3
- and NH4
+ concentrations and the potential 
for the amino acid glycine to serve as a readily available carbon source would result in 
distinctly different biofilm bacterial assemblages assimilating these three N forms. 15NO3
- 
assimilation increased the abundance of Moraxellaceae (Gammaproteobacteria) by 139-
fold relative to baseline assemblages and supported complex species interactions in a co-
occurrence network analysis, suggesting certain abundant bacteria at our study site 
sequestered NO3
-, which comprised 67% of dissolved inorganic N. Although nearly all 
bacteria can assimilate this preferable N form, 15NH4
+ assimilation decreased the 
abundance of the dominant baseline family Burkholderiaceae by 64% and reduced 
species interactions in a co-occurrence network by at least 91% relative to the other 15N 
networks. Last, 15N-glycine stimulated several rare baseline families (<0.1% abundance), 
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including Chitinibacteraceae (Gammaproteobacteria), Caulobacteraceae 
(Alphaproteobacteria), Sphingobacteriaceae and an unclassified family of 
Gammaproteobacteria, suggesting the amino acid supported the growth of biofilm-
forming and abundant bacteria by serving as a source of both N and possibly carbon. Our 
15N DNA-SIP results suggest biofilm bacterial assemblages sequestering dissolved 
inorganic and organic N may be influenced by differences in the ambient supply of NO3
- 
and NH4
+ and the potential for low-molecular-weight organic N forms, such as glycine 
and other amino acids, to serve as readily available carbon sources. 





Human activities have dramatically increased and altered the form of nitrogen (N) in 
streams worldwide (Falkowski 1997, Seitzinger et al. 2010, Carey et al. 2013, Glibert 
2017), leading to widespread negative effects on water quality (Withers et al. 2014).  
Biofilm bacteria colonizing benthic surfaces in streams influence the concentration and 
downstream export of N. The three-dimensional architecture of the biofilm slows the 
movement of water, providing bacteria with the opportunity to sequester N from the 
water column and incorporate the nutrient into their biomass through assimilatory 
processes (Bernot and Dodds 2005, Mulholland et al. 2008). Bacteria are able to 
assimilate a wide range of N forms (Geisseler et al. 2010), including the two major 
dissolved inorganic N forms in streams, nitrate and ammonium, as well as dissolved 
organic N forms, such as glycine and other amino acids that are present in streams (e.g., 
Stepanauskas et al. 2000).  
Distinctly different biofilm bacterial assemblages may sequester NO3
- and NH4
+ due to 
large differences in the ambient supply of the two major dissolved inorganic N forms. 
Generally, NO3
- dominates the dissolved inorganic N pool (Allan and Castillo 2007). A 
review of world rivers with little human influence found rivers contained 0.1 mg NO3-
N/L and 0.015 mg NH4-N/L (Meybeck 1982) and a literature synthesis of nutrient uptake 
studies in sixty-eight streams, NO3
− accounted for upwards of 81% of all dissolved 
inorganic N (Ribot et al. 2017). Given its copious abundance, NO3
- is likely assimilated 
by abundant bacteria. However, only a small number of abundant bacteria may contribute 
to the sequestration NO3
-, which must be reduced to NH4
+ before it is used in biosynthetic 
pathways (Geisseler et al. 2010). A survey of over 6,000 bacterial and archaeal genomes 
found genes for the enzymes that reduce nitrite and NO3
- to NH4
+ (e.g., nitrate and nitrite 
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reductase) in less than 25% genomes (Albright et al. 2019). In contrast, most biofilm 
bacteria may sequester NH4
+, as this chemically reduced and energetically preferable 
inorganic N form may be funneled directly into biosynthetic reactions (Merrick and 
Edwards 1995).  NH4
+ can be assimilated by nearly all bacteria, with the previously 
mentioned survey detecting genes for ammonia assimilation pathways in 93% of 
genomes (Albright et al. 2019).  
Low-molecular-weight dissolved organic N forms, such as glycine and other amino acids, 
can serve as a source of both N and carbon, supporting the growth of biofilm-forming and 
abundant bacteria (Fiebig and Marxsen 1992). Dissolved organic N, which includes low-
molecular-weight amino nitrogen compounds (e.g. free amino compounds, polypeptides) 
and relatively larger oligopeptides and proteins, is a major portion of dissolved N, 
comprising an average of 40% of the dissolved N pool in natural river worldwide 
(Meybeck 1982). Amino acids are bioavailable N sources to bacteria, with bacteria 
producing extracellular or membrane-bound enzymes to mineralize amino acids to NH4
+ 
for assimilation (Geisseler et al. 2010). Alternatively, bacteria may directly incorporate 
amino acids into their biomass, saving energy and acting as both a N and readily 
available carbon source (Geisseler et al. 2010). Glycine may be used as a source of both 
N and carbon to support the growth of biofilm-forming and abundant bacteria. In soil 
microbial communities which received NH4
+ additions to induce carbon limitation, direct 
assimilation of glycine dominated, with mineralization accounting for only 11 – 44% of 
glycine-N consumed (Yang et al. 2016). NH4
+ plus glucose additions increased microbial 
biomass and further increased direct assimilation of glycine, suggesting glycine may have 
satisfied the high carbon and N requirements of growing bacteria. In stream biofilms, 
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glycine and other amino acids may act as a source of both N and carbon to support the 
growth of biofilm-forming and abundant bacteria. For example, the ability of 
Bacteroidetes to degrade complex macromolecules may contribute to the abundance of 
this phylum in biofilms and may support the biofilm-forming abilities of the 
Bacteroidetes classes Sphingobacteriia and Flavobacteriia (Besemer 2015). Similarly, 
Alphaproteobacteria may be abundant in biofilms due to its ability to degrade and obtain 
carbon from humic substances and grazing-resistant morphology (Newton et al. 2011, 
Besemer 2015)   
To identify and compare biofilm bacterial assemblages assimilating different dissolved 
inorganic and organic N forms, we submerged 15N-nitrate- (15NO3
−), 15N-ammonium- 
(15NH4
+) and 15N-glycine-diffusing substrates for 19 days in a mesotrophic river (Provo 
River, Utah, USA). We then identified the bacterial biofilm colonizing the surfaces and 
utilizing the three N forms through 15N-DNA stable isotope probing (DNA-SIP). Also, 
we examined the potential for stream physicochemical characteristics (i.e., ambient 
nutrient concentrations, water temperatures, light availability) to influence biofilms 
during our 15N-DNA SIP experiment. We hypothesized that NO3
- would be sequestered 
by only a subset of abundant bacteria that are capitalizing on the copious amounts of this 
N form in stream systems. In contrast, we hypothesized that NH4
+ would be assimilated 
by most biofilm bacteria due to the near universal ability of bacteria to assimilate this 
energetically preferable N form. Last, we hypothesized that most abundant bacteria 
would assimilate N-glycine, as this organic N form offers both a N and C source for 





Study site characteristics 
We conducted our 15N DNA-SIP experiment in the Middle Provo River in northern Utah. 
Located between the Jordanelle and Deer Creek Reservoirs, the Middle Provo River 
flows through the Heber Valley, an area undergoing a rapid change from rural to urban 
land-use (Jones et al. 2017).  Our study site was located immediately below Jordanelle 
Reservoir (40.5951, -111.4286), a mesotrophic reservoir (Crawford 2019) with a 
maximum surface area of ~13.5 km2 (Jones et al. 2017).  Jordanelle dam is equipped with 
a multi-level release structure that allows water to be drawn from various elevations 
within the reservoir, reducing impacts on temperature, dissolved oxygen concentrations, 
and nutrient concentrations downstream (Olsen et al. 2004). 
The Middle Provo River catchment was one of three catchments in northern Utah that 
were the focus of research conducted by the NSF-funded iUTAH (innovative Urban 
Transitions and Aridregion Hydro-sustainability) project, an interdisciplinary research 
and training program aimed at improving water sustainability in Utah (Jones et al. 2017).  
Our study site was located at an iUTAH GAMUT (Gradients Along Mountain to Urban 
Transitions) aquatic monitoring station which collected continuous water quality data.  In 
addition, an iUTAH GAMUT climate monitoring station collected continuous 
meteorological data for the Middle Provo River catchment. 
To examine the potential the for stream physicochemical characteristics to influence 
biofilms during our 15N DNA-SIP experiment, we measured ambient nutrient 
concentrations, water temperature, and light availability at our study site in the Middle 
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Provo River.  At the start of the experiment, we collected grab samples of river water for 
total nitrogen (TN) and total phosphorus (TP) analyses and collected samples of river 
water filtered through pre-combusted Whatman GF/F filters for total dissolved N, nitrite 
+ nitrate (hereafter NO3
−), ammonium (NH4
+), and soluble reactive phosphorus (SRP) 
and dissolved organic N analyses.  TN and total dissolved N were quantified using a 
potassium persulfate digestion (Nydahl 1978) followed by a cadmium reduction for NO3
− 
(APHA 1998, EPA method 353.2).  TP was quantified using a potassium persulfate 
digestion followed by an ascorbic acid molybdenum reaction for SRP (Murphy and Riley 
1962, EPA method 365.1). NO3
− and SRP were measured using the methods described 
above without digestion. NH4
+ was quantified with an automated alkaline 
phenolhypochlorite reaction followed by spectrophotometric analysis (EPA method 
350.1, Solorzano 1969, APHA 1998).  Dissolved organic N was estimated by subtracting 
the concentrations of NH4
+ and NO3
− from the concentration of total dissolved N in each 
filtered sample.  The method detection limits were 8.0 µg/L for TN and total dissolved 
nitrogen, 12.0 µg/L for TP, 6.0 µg/L for NH4
+, 4.0 µg/L for NO3
−, and 1.0 µg/L for SRP.    
We calculated the mean and range of water temperatures at our study site during our 
experiment using water temperature time series data measured with a YSI EXO 
multiparameter water quality sonde at the iUTAH GAMUT station.  We characterized 
light availability as total incoming photosynthetically active radiation (PAR) transmitted 
through the canopy.  We calculated the average daily incoming PAR during the month of 
our experiment using time series solar radiation data measured with a Huskeflux NR01 
radiometer collected at the iUTAH GAMUT climate monitoring station.  Direct (Hb) 





= [1 − 𝑒𝑥𝑝(−3.044 ×  𝐾𝑡2.436)] 
 (1) 
where H is the average daily incoming PAR, Hb/H is the fraction of daily incoming PAR 
on a horizontal surface in the form of direct solar radiation, and Kt is the daily cloudiness 
index, assumed to be 0.5 (Frazer et al. 1999).  Average daily direct PAR and 
hemispherical photos taken approximately 1 m above the stream surface before dawn at 
the stream site with a fish-eye lens attachment were then used to calculate total 
transmitted PAR with Gap Light Analyzer software (Frazer et al. 1999). 
15N DNA-SIP experiment 
We performed a 19-day 15N DNA-SIP experiment to identify and compare biofilm 
bacteria which assimilate common inorganic and organic forms of N in streams following 
a combination of the methods outlined in Neufeld et al. (2007b) and Aanderud and 
Lennon (2011).  The DNA-SIP technique involves incubating microbial communities 
with an isotopically labeled substrate of interest (Neufeld et al. 2007a).  Any 
microorganisms within the community that assimilate the isotopically labeled substrate 
will also incorporate the isotopic label into their DNA, thereby increasing its density.  
The DNA from the microbial community can be separated by density fractionation and 
the heavier, isotopically labeled DNA is used to identify bacteria that assimilated the 
substrate of interest (assimilator taxa) and the lighter, unlabeled DNA is used to identify 
bacteria that did not assimilate the substrate (baseline taxa).We grew biofilms exposed to 
15NH4
+, 15NO3
−, 15N-glycine, or no 15N addition using nutrient-diffusing substrates (NDS; 
Tank et al. 2007).  To construct NDS, we filled 30-mL plastic cups (Polycon, Madan 
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Plastics) with agar amended with either no additions (baseline), 0.5 M 15N as 15NH4
+ 
(15NH4Cl, 98 atom percent, Aldrich), 0.5 M 
15N as 15NO3
− ( K15NO3
-, 98 atom percent, 
Aldrich) or 0.5 M 15N as 15N-glycine (15N-glycine; 98 atom percent, Aldrich).  The agar 
was capped with a porous glass disc (crucible cover manufactured by LECO) which 
served as a platform for biofilm growth and exposed the growing biofilms to nutrients 
which diffused out of the agar.  We placed NDS in the Middle Provo River at our study 
site located immediately below Jordanelle Reservoir during Summer 2016.  At the end of 
the river deployment, we collected biofilm-colonized discs from the NDS and stored 
them at -20°C until DNA analyses.   
DNA extraction, fractionation, and analysis 
We separated isotopically labeled and unlabeled DNA to identify bacteria that 
assimilated 15NO3
−, 15NH4
+ or 15N-glycine (15NO3
− assimilator, 15NH4
+ assimilator or 15N-
glycine assimilator assemblages, respectively) and baseline assemblages that were not 
exposed to 15N, respectively.  First, we extracted genomic DNA from each biofilm-
colonized disc using a PowerSoil DNA Isolation Kit (MoBio, Carlsbad, California, 
USA).  Next, we used ultracentrifugation to separate DNA by density. We added at least 
1 µg of DNA, cesium chloride (CsCl; density = 1.89 g/mL), and gradient buffer (GB; 0.1 
M Tris, 0.1 M KCl and 1 mM EDTA) to 4.7-mL OptiSeal polyallomer tubes (Beckman 
Coulter Inc., Brea, CA).   Tubes were then balanced to within ±0.01 g, loaded into a TLA 
110 rotor (Beckman Coulter Inc., Brea, CA), and centrifuged on an Optima Max-XP 
benchtop ultracentrifuge (Beckman Coulter Inc., Brea, CA) for at least 72 hours at a 
speed of 58,000 rpm at 20°C.  The resulting DNA density gradient created by 
ultracentrifugation was then split into 28 density fractions using a fraction recovery 
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system (Beckman Coulter Inc., Brea, CA) connected to a single-syringe infusion pump 
(flow rate of 25.7 mL/h) which used mineral oil to displace the DNA-CsCl-GB buffer 
mixture.  Two blanks without DNA were included in each centrifuge run and the density 
of each fraction measured on a Reichert AR200 Digital Refractometer (Reichert 
Analytical Instruments, Depew, NY) to establish the density gradient for the specific 
conditions of each centrifuge run. To precipitate DNA, we added 1 µg glycogen and 2 
volumes of PEG solution (30% wt/vol polyethylene glycol 6000 dissolved in 1.6 M 
NaCl) to each fraction, incubated fractions at room temperature for at least 2 hours and 
then centrifuged fractions for 30 minutes at a speed of 13,000 rpm at 20°C, decanting the 
resulting supernatant. Next, to wash DNA, we added 500 µL of ice-cold 70% ethanol to 
each fraction and centrifuged fractions for 10 minutes at a speed of 13,000 rpm at 20°C, 
decanting the resulting supernatant. Last, we resuspended DNA in nuclease-free water on 
ice and stored at -20°C.   
To quantify the amounts of bacterial DNA in each fraction, we performed quantitative 
PCR (qPCR) with primers that target a fragment of the 16S rRNA gene.  qPCR analyses 
were conducted with a Mastercycler EP Realplex qPCR machine (Eppendorf, Hamburg, 
Germany) and PerfeCta® SYBR® Green FastMix® (Quanta Biosciences).  Reaction 
mixtures (15 µL) contained: 6.75 µL of 2x SYBR Green FastMix, 0.25 µL of forward 
primer Eub338 and 0.25 µL of reverse primer Eub518 (universal bacterial primer set), 1 
µL of DNA template, and 6.75 µL of nuclease-free water. We used the following thermal 
cycle conditions: an initial denaturation step at 95°C for 3 min, followed by 35 cycles of 
denaturation at 95°C for 20 s, annealing at 59.7°C for 30 s, and extension at 72°C for 30 
seconds.  Melting curve analyses were conducted to assess the presence of primer dimers.  
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We generated a qPCR standard from E. coli with a Topo TA cloning kit (Invitrogen).  
After extracting plasmids from transformed cells, we used M13 forward and reverse 
primers from the cloning kit to generate PCR product to be used for the standard curve 
(101 to 108 copies µL).  Gene copies in each density fraction are expressed as ratios to the 
maximum quantity of copies per sample.   
To identify baseline biofilm bacterial assemblages, we selected and pooled fractions 
containing unlabeled DNA (density = 1.629 - 1.640 g/mL) from the baseline treatment 
with no 15N label.  To identify biofilm bacterial assemblages that used different forms of 
15N, we selected and pooled fractions containing labeled DNA (density = 1.656 – 1.666 
g/mL) from the 15NH4
+, 15NO3
−, and 15N-glycine treatments.  To account for taxa with 
high GC content DNA, we selected and pooled fractions containing labeled DNA 
(density = 1.656 - 1.666 g/mL) from the baseline treatment and excluded these taxa from 
15N assimilator assemblages in our composition analyses.  These densities provided a 
conservative estimate of taxa which assimilated 15N, as it assumed that incorporation of 
15N led to a 0.016 – 0.037 g/mL increase in the buoyant density of bacterial DNA. 
We performed target metagenomics of the 16S rRNA gene on pooled samples to identify 
bacterial taxa with unlabeled and labeled DNA.  We targeted the V4 hypervariable region 
of the 16S rRNA gene using primers 16Sf (5’-GTGCCAGCMGCCGCGGTAA-3’) and 
16Sr (5’-GGACTACHVGGGTWTCTAAT-3’).  The primers contained a series of 
repeating eight-base pair barcodes, a forward or reverse Illumina primer, linker region, 
and primer pad to facilitate a dual-indexed Illumina sequencing approach (Caporaso et al. 
2012, Kozich et al. 2013, Aanderud et al. 2018).  The InvitrogenTM AccuPrimeTM Pfx 
SuperMix was used for the generation of 16S amplicons.  The thermocycler settings 
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were: an initial denaturation step of 94°C for 3 min, followed by 35 cycles of 
denaturation at 94°C for 45 s, annealing at 55°C for 60 s, and elongation at 72°C for 90 s.  
A final elongation step was set for 72°C for 10 min and samples were then held at 4°C.  
Samples were then normalized using the SequalPrepTM Normalization Plate (96) Kit 
(Invitrogen, Carlsbad, CA, USA) and quantified on a Qubit® 2.0 Fluorometer 
(ThermoFisher Scientific, Waltham, MA, USA).  The samples were sequenced on an 
Illumina HiSeq 2500 platform (2×250; Illumina Biotechnology, San Diego, CA, USA) at 
the Brigham Young University DNA Sequencing Center (https://dnasc.byu.edu).  Primer 
dimers were removed via Pippin Prep (Sage Science, Beverly, MA, USA).  Illumina 
sequence reads were analyzed in mothur (v. 1.35.1; Schloss et al. 2009) following the 
MiSeq SOP protocol (Kozich et al. 2013).  We removed chimeras with UCHIME (Edgar 
et al., 2011) and eliminated chloroplast, mitochondrial, archaeal, and eukaryotic gene 
sequences based on reference sequences from the Ribosomal Database Project (Cole et 
al. 2009).  We then aligned sequences against the SILVA 128 database 
(silva.nr_v128.align; Pruesse et al. 2007) with the SEED aligner and created operational 
taxonomic units (OTUs) based on uncorrected pairwise distances using a minimum 
coverage of 99% and minimum pairwise sequence similarity of 97%.  We used the 
‘phyloseq’ package (McMurdie and Holmes 2013) in R (R Core Team 2017) to combine 
taxonomy files and OTU tables generated in mothur.  We removed OTUs that were 
unclassified at the phyla level, phyla with a total abundance <10 and mean prevalence <2, 





Biofilm bacteria that assimilated 15NO3−, 15NH4+ and/or 15N-glycine 
We compared baseline and N assimilator assemblages following a compositional data 
analysis approach (Aitchison 1986, Gloor et al. 2017), which considers DNA sequencing 
count data for each sample as portions rather than absolute abundances (Fernandes et al. 
2014, Quinn et al. 2018).  This approach takes into account differences in total counts 
between samples while avoiding the potential loss of low abundance OTUs that may 
occur with rarefication and other normalization procedures (Fernandes et al. 2014).  In 
lieu of normalization, we first imputed zero counts using a Bayesian count zero 
multiplicative replacement estimated with the cmultRepl function in the ‘zCompositions’ 
package in R (Palarea-Albaladejo and Martín-Fernández 2015).  We then applied the 
centered log-ratio (CLR) transformation to the dataset with imputed zeros (Aitchison 
1986).   
To visualize compositional differences in baseline and 15NO3
−, 15NH4
+ and 15N-glycine 
assimilator assemblages, we performed a principal component analysis using a 
Euclidean-based distance matrix from the CLR-transformed dataset (Quinn et al. 2018) 
using the phyloseq::distance function in the ‘phyloseq’ package in R (McMurdie and 
Holmes 2013).  We then performed a PERMANOVA analysis (Anderson 2001) using the 
adonis function in the ‘vegan’ package in R (Oksanen et al. 2014) to test for the effect of 
assemblage (baseline, 15NO3
− assimilator, 15NH4
+ assimilator, 15N-glycine assimilator).  
We examined differentially abundant families (mean relative abundance >0.1%) in 
baseline and 15NO3
−, 15NH4
+ and 15N-glycine assimilator assemblages using the glm 
function in ‘ALDEx2’ package in R (Fernandes et al. 2013).   
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To visualize proportional relationships among taxa in baseline and 15NO3
−, 15NH4
+ and 
15N-glycine assimilator assemblages, we constructed proportionality networks using 
‘propr’ package in R (Quinn et al. 2017). After calculating proportional abundances 
between all pairs of OTUs in an assemblage, we selected highly proportional OTUs using 
a cut-off of ρ > 0.75, where highly proportional OTUs are OTUs who proportions remain 
relatively constant to each other relative to how the proportions of most OTUs change 
between samples (Quinn et al. 2019).  We generated network graphs of highly 
proportional OTUs in the graphml format using the ‘igraph’ package in R (Csardi and 
Nepusz 2006).  Nodes in each network represented OTUs that were highly proportional 
to at least one other OTU, edges represented highly proportional relationships between 
nodes, and clusters were groups of connected OTUs.  To describe networks, we 
calculated the following topological parameters: node count, edge count and mean 
number of edges per node. To identify influential families and examine dominance 
patterns in each network, we calculated the mean relative abundance of nodes and percent 
of edges belonging to each family.  
RESULTS 
Study site characteristics 
During the 19-day 15N-DNA SIP experiment, river physiochemical conditions were 
typical of the Middle Provo River in mid-summer (Crawford 2019). NO3-N 
concentrations, 0.08 ± 0.006 mg/L (Table 1), were similar to levels typically observed in 
natural waters with little human influence (around 0.1 mg/L NO3-N and 0.001 mg/L 
NO2-N; Meybeck 1982). NH4-N concentrations, 0.04 0.015 mg/L, were relatively high in 
comparison to natural waters (around 0.015 mg/L NH4-N; Meybeck 1982), but may 
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reflect the influence of Jordanelle Reservoir located immediately above our study site, 
where organic matter decomposition may have increased NH4-N concentrations. NO3-N 
comprised 66% of dissolved inorganic N. As is typical in rivers, dissolved organic N 
accounted for 39% of total dissolved N (Meybeck 1982). Water temperatures during the 
NDS deployment were stable, with a mean of 6.6°C, minimum of 6.2°C, and maximum 
7.1°C. The site was characterized by high light availability, as canopy openness at the site 
was 99.4% and average incoming direct PAR was 546.2 W m-2 d-1.  
15N-DNA SIP distinguished biofilm bacteria utilizing 15NO3−, 15NH4+ and 15N-glycine 
Biofilms formed on all three 15N-diffusing substrates and the colonizing bacteria 
possessed heavier DNA densities, indicating that biofilm bacteria assimilated and 
incorporated 15N into their DNA (Supplemental Fig. 1).  Bacterial assemblages grown on 
15NO3
− addition, 15NH4
+ addition and 15N-glycine addition NDS treatments had denser 
DNA than baseline treatment assemblages which were not exposed to 15N-label. DNA 
sequencing of the samples containing the pooled fractions recovered 4796 quality 
sequences and 609 unique OTUs with samples possessing a mean ± SEM sequencing 
coverage of 99.4% ± 0.16. 
15NO3−, 15NH4+ and 15N-glycine lead to the formation of unique biofilm assemblages 
We hypothesized that differences in ambient NO3
- and NH4
+ supplies and the potential 
for the amino acid glycine to serve as a readily available carbon source would select for 
different bacterial assemblages assimilating the three dissolved inorganic and organic N 
forms. Distinct biofilm bacterial assemblages formed on 15NO3
−-, 15NH4
+- and 15N-
glycine-diffusing surfaces and assimilated the three N forms.  In a PCA biplot, all 15N 
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assimilator assemblages separated from baseline assemblages along the primary axis, 
which explained 56.7% of the variation (Fig. 1). Biofilms at our study site appeared 
poised to exploit NO3
-, as 15NO3
- assimilators were the most similar to baseline 
assemblages, aligning with baseline assemblages along the secondary axis in the PCA 
biplot. In contrast, assemblages assimilating 15NH4
+ and 15N-glycine shifted away from 
15NO3
− assemblages in opposite directions along the secondary axis, which explained 
14.6% of the variation. However, one 15NO3
− assemblage overlapped strongly with 
15NH4
+ assemblages. Inferences from the PCA biplot aligned with the results of a 
PERMANOVA analysis which found that assemblage (baseline, 15NO3
− assimilator, 
15NH4
+ assimilator, 15N-glycine assimilator) had a significant effect (F3,8 = 7.7 p = 0.002) 
and accounted for 74% of the variation.  
Although we hypothesized that most biofilm bacteria would assimilate NH4
+ while NO3
- 
and glycine would be assimilated by abundant bacteria, richness in assemblages 
assimilating the three N forms was similar, with 15NH4
+, 15NO3
- and 15N-glycine 
assemblages containing a mean ± SEM of  66 ± 6, 82 ± 19 and 91 ± 12 OTUs, 
respectively. The three N assimilator assemblages contained at least 68% fewer OTUs 
than baseline assemblages (207 ± 30 OTUs). In a one-way ANOVA analysis with post-
hoc pairwise comparisons, assemblage had a significant effect on richness (F3,8 = 11.9 p 
= 0.003) and all N assimilator assemblages differed significantly from baseline (all p < 
0.01) but not from each other (all p ≥ 0.79). Diversity was similar among assemblages 
assimilating the three N forms and baseline assemblages, with Shannon diversity values 
ranging from 3.0 ± 0.24 in baseline assemblages to 3.7 ± 0.18 in 15NH4
+ assemblages and 
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assemblage did not have a significant effect in a one-way ANOVA analysis (F3,8 = 0.95 p 
= 0.46). 
Distinct bacterial family responses to 15N forms 
Submerged river surfaces diffusing 15NO3
- , 15NH4
+ and, in particular, 15N-glycine, 
allowed several rare (<0.1% relative abundance) bacteria in the baseline biofilms to 
become abundant (>1.0% relative abundance) (Fig. 2, Supplemental Tables 1 and 2). 
15NO3
--diffusing surfaces allowed the rare Moraxellaceae (Gammaproteobacteria) in 
baseline biofilms to dominate by increasing in abundance 139-fold.  15NH4
+ increased the 
abundance of Sphingobacteriaceae by 76-fold (p = 0.04). 15N-glycine increased the 
abundance of three Proteobacterial and one Bacteroidetes family relative to baseline 
biofilms. Specifically, the Chitinibacteraceae (Gammaproteobacteria) increased in 
abundance by over an order of magnitude, as the family comprised only 0.1 ± 0.004% of 
baseline assemblages but 24 ± 6% of 15N-glycine assemblages by abundance. 15N-glycine 
also stimulated the rare Caulobacteraceae (Alphaproteobacteria), an unclassified family 
of Gammaproteobacteria, and Sphingobacteriaceae (Bacteroidetes) by 49-, 50- and 141-
fold, respectively, with each of these families comprising at least 5% of 15N-glycine 
assemblages by abundance.  
The 15N diffusing substrates, particularly 15NH4
+, reduced the contribution of certain 
abundant baseline families. 15NH4
+ decreased the abundance of the dominant baseline 
family Burkholderiaceae (Gammaproteobacteria) by 64%, with the family comprising 37 
± 8% of baseline assemblages but only 13 ± 3% of 15NH4
+ assimilators by abundance.  
All N forms decreased another highly abundant baseline family, Flavobacteriaceae 
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(Bacteroidetes), which comprised 25 ± 3% of baseline assemblages but 9% or less of 15N 
assemblages. Last, 15N-glycine reduced the abundance of Spirosomaceae (Bacteroidetes), 
a family which comprised 15 ± 5% of baseline assemblages and only 0.9 ± 0.2% of 15N-
glycine assemblages.  
Co-occurrence networks 
The interconnectedness of species within biofilms were generally lower between taxa 
utilizing the 15N-diffusing substrates than in the baseline based on co-occurrence network 
models (Fig. 3).  The 15NH4
+ assimilator model was the least complex and most 
dispersed. The 15NH4
+ model contained 89% fewer taxa and 98% fewer relationships as 
compared to the baseline model, which included 63 species and 173 relationships. The 
complexity was similar between 15NO3
- and 15N-glycine networks, albeit lower than the 
baseline, as the 15N assemblages contained 25 and 21 species and 48 and 44 relationships, 
respectively. However, the 15NO3
- network was more modular than the 15N-glycine with 
three groupings of taxa instead of basically one large module.   
The taxa within the 15N networks generally reflected differences in overall assemblage 
composition. For example, the Burkholderiaceae dominated the relative abundance in 
biofilms (>13%) and was prominent across all 15N-biofilm networks, comprising as least 
25% of taxa and interactions (Table 3). The abundant Moraxellaceae in the 15NH4
+ and 
15NO3
- biofilms were also dominant taxa in both networks contributing to 13% of 
interactions and at least 12% of taxa. Chitinibacteraceae was only abundant in the 15N-





Biofilm bacteria underlie stream N cycling, sequestering dissolved inorganic and organic 
N from the water column and temporarily storing the nutrient as biomass. Human 
activities not only increase N concentrations, but also alter the relative amounts of 
different N forms in streams worldwide. To enhance understanding of the ecological 
impacts of anthropogenic N pollution, we performed a 15N DNA-SIP experiment to 
identify and compare bacterial assemblages assimilating 15NO3
-, 15NH4
+ and 15N-glycine. 
We observed clear differences in the composition and species interactions among 
assemblages assimilating these N forms, suggesting distinctly different bacterial 
assemblages sequester different dissolved inorganic and organic N forms.  
Biofilm bacteria at our study site were primed to exploit NO3
-, as 15NO3
--diffusing 
substrates supported assemblages with a high abundance of Moraxellaceae and a 
relatively complex and interconnected co-occurrence network. NO3
- comprised 66% of 
dissolved inorganic N at our study site, likely explaining why the composition of 15NO3
- 
assimilators was similar to baseline assemblages. In alignment with our hypothesis, 
certain abundant bacteria exploited this dominant dissolved inorganic N form. 
Specifically, 15NO3
- additions increased the abundance of the family Moraxellaceae, 
which includes species such Acinetobacter that contain the nasA gene encoding for a 
portion of assimilatory nitrate reductase (Jiang et al. 2015) which may dominate 
assimilatory nitrate reducing assemblages in freshwater (Li et al. 2018) and marine 
environments (Jiang et al. 2015). The complex and interconnected 15NO3
- co-occurrence 
network suggests that the bacteria assimilating 15NO3
- were interacting with each other 




reduction independently. Although NH4
+ is the energetically preferable form of inorganic 
N (Geisseler et al. 2010), high ambient NO3
- concentrations may influence how biofilms 
respond to different forms of N, as stream biofilms which developed under higher 
concentrations of NO3
- than NH4
+ did not exhibit a preference for either N form in N 
uptake rates (Ribot et al. 2013). Our results suggest Moraxellaceae and complex 
assemblages may influence the movement of this typically dominant dissolved inorganic 
N form and respond to future increases in NO3
- associated with human land-use, such as 
agriculture (Lassaletta et al. 2009).  
We hypothesized that most bacteria would assimilate NH4
+, as NH4
+ is the more 
energetically preferable form of inorganic N and can be used by nearly all bacteria 
(Albright et al. 2019). 15NH4
+ may have been exploited early in the biofilm formation 
process, as 15NH4
+ increased the abundance of Sphingobacteriaceae, a family associated 
with biofilm formation (Kirchman 2002). However, at the end of our 19-day experiment, 
richness in 15NH4
+-assimilating assemblages was 68% lower than in baseline assemblages 
and did not differ significantly from 15NO3
-- or 15N-glycine-assimilating assemblages. In 
addition, Burkholderiaceae, which dominated baseline assemblages, was 64% less 
abundant in 15NH4
+-assimilating assemblages. Within 15NH4
+ assimilating assemblages, 
species abundances were highly variable, as the 15NH4
+ co-occurrence networks based on 
species’ proportional abundances was incredibly sparse, with at least 91% fewer 
significant relationships in 15NH4
+ assemblages as compared to baseline, 15NO3
- and 15N-
glycine assemblages. 
Photoautotrophic algae and/or nitrifying bacteria and archaea within biofilms may have 
exploited 15NH4
+, resulting in the decrease in Burkholderiaceae and diffuse taxa 
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interactions. Autotrophic assimilatory uptake accounted for up to 80% of NH4
+ 
assimilation in open canopy streams (Tank et al. 2018). Chemoautotrophic nitrifying 
bacteria and archaea that oxidize NH4
+ to NO3
- as a source of energy (Prosser 1990) may 
have also reduced the amount of 15NH4
+ available to heterotrophic bacteria. Nitrification 
levels are variable but have been shown to account an average of 20 – 30% of NH4
+ 
removed in headwater streams across North American biomes (Peterson et al. 2001). We 
did not detect the ammonia-oxidizing bacterial genera Nitrosomonas 
(Betaproteobacteria), Nitrosococcus (Gammaproteobacteria), Nitrosospira 
(Betaproteobacteria), Nitrosolobus (Betaproteobacteria) or Nitrosovibrio 
(Betaproteobacteria) (Koops et al. 2006), nor did we detect the nitrite-oxidizing bacterial 
genera Nitrobacter (Alphaproteobacteria), Nitrococcus (Gammaproteobacteria), 
Nitrospira (Nitrospirae) or Nitrospina (Nitrospinae) (Abeliovich 2006). However, as this 
dissimilatory N uptake process would not result in the incorporation of 15N-label into 
DNA, nitrifying bacteria may have been present but not captured in our results. Future 
15NH4
+ experiments may better examine assimilatory and dissimilatory NH4
+ processes 
among biofilm constituents.  
15N-glycine increased the abundance of several rare baseline families, aligning with our 
hypothesis that this organic N form may serve as source of both N and readily available 
carbon, supporting biofilm-forming and abundant bacteria. In particular, the rare baseline 
family Chitinibacteraceae dominated 15N-glycine assemblages. Some members of 
Chitinibacteraceae can use chitin, an abundant biopolymer found in insect exoskeletons, 
crustacean shells, and cell walls of fungi and certain green algae (Gooday 1990) as a sole 
N, carbon ,and energy source (Chang et al. 2004, 2009, Joung et al. 2014). The biofilm-
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forming family Sphingobacteriaceae, which also responded to 15NH4
+, had an even 
greater response to 15N-glycine. Carbon limitation may increase the use of amino acids as 
a source of both N and carbon (Geisseler et al. 2010, Yang et al. 2016) and may have 
contributed to the use 15N-glycine as an N and carbon source in our study, as Provo river 
dissolved organic matter has been described as humic-like (Kelso 2018), suggesting low 
levels of bioavailable, low-molecular-weight organic carbon. However, we can only 
hypothesize that taxa used 15N-glycine as both a N and carbon source. DNA-SIP 
experiments using dual-labeled (13carbon,15N) amino acids may better examine the 
environmental conditions influencing the use of amino acids as sources of N and/or 
carbon (Dudgeon et al. 2006, Cupples et al. 2007).  
CONCLUSIONS 
Our 15N DNA-SIP results identified distinctly different biofilm bacterial assemblages 
assimilating 15NO3
-, 15NH4
+, and 15N-glycine. Differences in the ambient supply of NO3
- 
and NH4
+ and the potential the amino acid glycine to serve as a readily available carbon 
source appeared to influence bacterial assemblages assimilating different inorganic and 
organic N forms. As human activities increase and alter N forms in streams worldwide, 
our results provide insight into the biofilm bacterial assemblages assimilating and 
ultimately, influencing the concentration and downstream export of different dissolved 
inorganic and organic N forms.  
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Figure 1. Principal components analysis (PCA) of centered log-ratio transformed 
abundances of biofilm bacterial communities forming and assimilating N from 15NO3
−, 
15NH4
+ and 15N-glycine submerged river surfaces.  Percentage values along each axis 










+ assim.) and 15N-glycine (15N-glycine assim.) relative to baseline 
assemblages.  Values are mean ± SEM (n=3).  Families are ordered by decreasing 
abundance in baseline assemblages.  Differential relative abundance analysis of families 
with a mean relative abundance >1.0% performed using ALDEx2.  Negative symbols 
above bars indicate families with significantly lower relative abundance in an 15N 
assimilator assemblage as compared to baseline and plus symbol above bars indicate 
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families with significantly higher relative abundance in an 15N assimilator assemblage as 





Figure 3. Co-occurrence networks of baseline, 15NO3
- assimilator, 15NH4
+ assimilator and 
15N-glycine assimilator assemblages.  Nodes represent OTUs and edges represent highly 
proportional OTUs, assessed using the proportionality metric, ρ.  Highly proportional 
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OTUs defined using a cut-off of ρ > 0.75.  Node colors indicate phylum or 




Table 1. Ambient nutrient concentrations in the Middle Provo River at a site below 
Jordanelle Reservoir where NDS for the 15N DNA-SIP experiment were placed during 
summer 2016.  Chemistry values are means on date of NDS deployment (n=3) followed 













+ assim.) and 15N-glycine assimilator (15N-glycine assim.) 
proportionality networks. 
 Base. 15NO3- assim. 15NH4+ assim. 
15N-glycine 
assim. 
Nodes 63 25 7 21 
Edges 173 48 4 44 
Mean edges per node 
(±SEM) 5.5 ± 0.5 3.8 ± 0.3 1.1 ± 0.1 4.2 ± 0.6 
 
 
Middle Provo River below 
Jordanelle Reservoir 
Total N (mg/L) 0.41 (0.100) 
Total dissolved N (mg/L) 0.21 (0.003) 
Dissolved organic N (mg/L) 0.08 (0.019) 
NH4-N (mg/L) 0.04 (0.015) 
NO3-N (mg/L) 0.08 (0.006) 
  
Total P (mg/L) 0.03 (0.013) 
Total dissolved P (mg/L) 0.02 (0.001) 
Soluble reactive P (mg/L) 0.01 (0.003) 
 
 
Table 3. Percentages and counts of edges and nodes by family in baseline, 15NO3
- assimilator, 15NH4
+ assimilator and 15N-glycine 
assimilator co-occurrence networks. 
  Edge percent (count) Node percent (count) 


















Alphaproteobacteria Caulobacteraceae 0.9% (3) 10% (10) 38% (3) 8.0% (7) 1.6% (1) 8.0% (2) 29% (2) 9.5% (2) 
 Rhodobacteraceae 2.0% (7)   1.1% (1) 1.6% (1)   4.8% (1) 
 Sphingomonadaceae 2.3% (8)    3.2% (2)    
 Xanthobacteraceae  3.1% (3)    4.0% (1)   
          
Bacteroidetes Bacteroidia unclassified 1.7% (6)    4.8% (3)    
 Chitinophagaceae 11% (39) 4.2% (4)   6.3% (4) 4.0% (1)   
 env.OPS 17  4.2% (4)    4.0% (1)   
 Flavobacteriaceae 17% (58) 13% (12)  5.7% (5) 
22% 
(14) 16% (4)  4.8% (1) 
 Saprospiraceae 1.4% (5)    1.6% (1)    
 Spirosomaceae 16% (54) 6.3% (6)   14% (9) 8.0% (2)   
          
Cyanobacteria Phormidiaceae 
3.5% 
(12)    1.6% (1)    
          
Gammaproteobacteria Burkholderiaceae 25% (86) 34% (33) 38% (3) 25% (22) 
24% 
(15) 32% (8) 43% (3) 29% (6) 
 Cellvibrionaceae 0.9% (3)    1.6% (1)    
 Chitinibacteraceae    28% (25)    14% (3) 
 Enterobacteriaceae 0.6% (2)    1.6% (1)    
 
Gammaproteobacteria 
unclassified    6.8% (6)    4.8% (1) 
 Methylophilaceae 
2.9% 
(10)    1.6% (1)    
 Moraxellaceae  13% (12) 13% (1) 1.1% (1)  12% (3) 14% (1) 4.8% (1) 
 Pseudomonadaceae 
3.2% 
(11) 2.1% (2)  16% (14) 4.8% (3) 4.0% (1)  19% (4) 
 Rhodocyclaceae  5.2% (5)    4.0% (1)   
 Shewanellaceae    5.7% (5)    4.8% (1) 
 Xanthomonadaceae 0.6% (2)   2.3% (2) 3.2% (2)   4.8% (1) 
          
Patescibacteria Gracilibacteria family 0.3% (1) 5.2% (5)   1.6% (1) 4.0% (1)   
Proteobacteria 
unclassified Proteobacteria unclassified 11% (39)    4.8% (3)    
          
          






Supplemental Figure 1. Panels show the distribution of 16S rRNA genes in cesium 
trifluoroacetate (CsTFA) gradients of biofilm bacteria grown on NDS baseline (no 15N 
addition) 15NO3
- addition, 15NH4
+ addition and 15N-glycine addition treatments.  Values 
represent mean ± SEM (n = 3) of the ratio of 16S rRNA gene copies present in a specific 
fraction or density divided by the maximum quantity of gene copies found across all 
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fractions for a given replicate (see Aanderud and Lennon 2011).  The letter U indicates 
fractions containing unlabeled DNA in the baseline treatment that were pooled and 
sequenced to identify baseline assemblages. The letter N indicates fractions containing 
15N-labeled DNA in the 15NH4
+ addition, 15NO3
- addition and 15N-glycine addition 
treatments which were each pooled and sequenced to identify taxa that assimilated the 
different 15N substrates. The letter H indicates fractions containing high density DNA in 
the baseline treatment that were pooled and sequenced to identify taxa with naturally 
high-density DNA. To provide a conservative estimate of taxa that assimilated 15N 






Supplemental Table 1.  Relative abundance of families (mean relative abundance 





+ assim.) and 15N-glycine assimilator (15N-glycine assim.) assemblages in a 
mesotrophic river (Provo River, UT, USA).   
  Mean relative abundance ± SE (n = 3) 









0.02 3.4 ± 1.31 4.4 ± 0.93 5.4 ± 2.44 
 Rhodobacteraceae 
0.3 ± 
0.05 2.1 ± 0.46 1.7 ± 0.37 0.9 ± 0.21 
 Sphingomonadaceae 
0.6 ± 
0.09 4.7 ± 0.41 6 ± 0.61 2.3 ± 0.59 
      
Bacteroidetes Chitinophagaceae 
1.2 ± 
0.67 1.6 ± 0.7 2.3 ± 0.59 0.6 ± 0.13 
 env.OPS 17 
0.1 ± 
0.01 3 ± 2 1 ± 0.68 0.2 ± 0.01 
 Flavobacteriaceae 
25.3 ± 
2.82 6.5 ± 2.01 9 ± 0.42 3.6 ± 0.78 
 Sphingobacteriaceae 
0.03 ± 
0.004 0.8 ± 0.13 2.3 ± 0.09 5.2 ± 3.63 
 Spirosomaceae 
15.1 ± 
4.94 3.3 ± 1.52 3.1 ± 0.96 0.9 ± 0.22 
      
Cyanobacteria Phormidiaceae 1.6 ± 0.7 5.1 ± 4.62 0.5 ± 0.11 0.5 ± 0.22 





9.78 13.2 ± 2.75 22.2 ± 3.28 
 Chitinibacteraceae 
0.1 ± 










8.16 7.4 ± 1.91 1.3 ± 0.15 
 Pseudomonadaceae 
6.5 ± 
2.23 3.5 ± 0.32 4.3 ± 1.08 8.7 ± 1.17 
 Shewanellaceae 
0.01 ± 
0.001 0.2 ± 0.06 0.3 ± 0.05 6.6 ± 3.21 
 Xanthomonadaceae 
0.7 ± 
0.26 1.7 ± 0.79 2.9 ± 0.97 0.5 ± 0.12 




2.97 0.3 ± 0.08 0.4 ± 0.11 0.1 ± 0.02 
      
Verrucomicrobia Rubritaleaceae 0.3 ± 0.1 1.5 ± 0.34 3.1 ± 0.61 0.8 ± 0.08 
 Verrucomicrobiaceae 
0.1 ± 
0.02 0.8 ± 0.19 4.5 ± 1.58 0.3 ± 0.04 
Note: Bolded values indicate families identified as differentially abundant in a generalized linear model comparing 
baseline, 15NO3- assimilator, 15NH4+ assimilator and 15N-glycine assimilator assemblages performed using ALDEx2 





Supplemental Table 2. Results of a generalized linear model comparing the abundance 
of families in 15N-NO3
-, 15N-NH4
+ and 15N-glycine assimilator assemblages to baseline 
assemblages. Benjamini-Hochberg adjusted p-values are reported. Bolded values indicate 
families with significant differences in abundance in baseline and an N assimilator 



































































1.08 0.2 5 ± 1.08 0.04 
5.9 ± 
1.08 0.02 
 Spirosomaceae -5 ± 1.4 0.13 -5.3 ± 1.4 0.09 -6.5 ± 1.4 0.04 
        
Cyanobacteria Phormidiaceae -2.8 ± 2.2 0.99 -4.4 ± 2.2 0.6 -4.1 ± 2.2 0.62 













































1.78 1 -4 ± 1.78 0.46 




2.16 0.08 -9 ± 2.16 0.08 
-10.1 ± 
2.16 0.05 
        
Verrucomicrobia Rubritaleaceae 
-1.4 ± 














Supplemental Table 3. Relative abundance of nodes in baseline, 15NO3
- assimilator, 
15NH4
+ assimilator and 15N-glycine assimilator proportionality networks summarized by 
family.   
  Relative abundance (%) 








Alphaproteobacteria Caulobacteraceae 0.05 1.8 2.0 4.4 
 Rhodobacteraceae 0.1   0.2 
 Sphingomonadaceae 0.2    
 Xanthobacteraceae  0.4   
      
Bacteroidetes 
Bacteroidia 
unclassified 0.4    
 Chitinophagaceae 1.1 0.6   
 env.OPS 17  2.7   
 Flavobacteriaceae 20 2.1  0.2 
 Saprospiraceae 0.02    
 Spirosomaceae 4.6 2.3   
      
Cyanobacteria Phormidiaceae 1.5    
      
Gammaproteobacteria Burkholderiaceae 35 15 6.0 14 
 Cellvibrionaceae 1.4    
 Chitinibacteraceae    19 
 Enterobacteriaceae 0.03    
 
Gammaproteobacteria 
unclassified    0.8 
 Methylophilaceae 0.1    
 Moraxellaceae  13 3.8 0.6 
 Pseudomonadaceae 6.3 0.9  4.5 
 Rhodocyclaceae  0.3   
 Shewanellaceae    6.3 
 Xanthomonadaceae 0.5   0.1 
      
Patescibacteria Gracilibacteria family 0.02 0.8   
      
Proteobacteria 
unclassified  6.1    
      















Bacterial assemblages in stream biofilms underlie stream biogeochemical 
processes (Battin et al., 2016), potentially serving as a critical link between 
anthropogenic pollutants and their effects on stream ecosystems. Existing research has 
demonstrated important effects of nutrients and other pollutants on biofilm biomass and 
function (Beck et al., 2017; Johnson et al., 2009; Rosi-Marshall et al., 2013). Expanding 
upon this, my research examined the effects of nutrients and pharmaceuticals on the 
composition biofilm bacterial assemblages and identified bacterial assemblages 
contributing to two nutrient-cycling processes.  
Nutrients (nitrogen [N], phosphorus [P], iron) and pharmaceuticals (caffeine, 
diphenhydramine) had strikingly unique effects on bacterial microbiomes (taxa present in 
at least 75% of samples of a given contaminant treatment) in montane and urban biofilms 
in northern Utah.  Nutrients enhanced the dominance of already abundant taxa and 
depressed microbiome richness, demonstrating the potential for nutrient pollution to 
negatively impact biofilm bacterial diversity and, potentially, resilience to disturbance.  
In contrast, pharmaceuticals fostered a rich microbiome that included unique taxa known 
for their ability to degrade contaminants, highlighting a potential interplay between 
pharmaceutical pollution, bacterial diversity, and pharmaceutical degradation. Nutrients 
plus pharmaceuticals supported unique cyanobacterial taxa that may thrive in multi-
pollutant environments. My results contribute to existing research demonstrating the 
impacts of nutrients and pharmaceuticals on stream biofilm biomass and function, 
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revealing the distinctly different effects of nutrients and pharmaceuticals on the structure 
of biofilm bacterial microbiomes. Future research which examines the effects of 
contaminants on both microbiome structure and rates of biofilm functional processes, 
such as contaminant degradation, can enhance our understanding of the effects of 
contaminants on stream ecosystems. 
DNA stable isotope probing (DNA-SIP) effectively identified biofilm bacterial 
assemblages contributing to organic carbon (C) processing and N metabolism, 
demonstrating the potential for this technique to enhance our understanding of microbial 
assemblages that underlie stream biogeochemical processes. Although early DNA-SIP 
studies were primarily performed in soils (Boschker et al., 1998; Radajewski et al., 2000), 
the technique has been applied in a wide range of environments (Dumont and Murrell, 
2005), including marine and estuarine sediments (Freitag et al., 2006; Webster et al., 
2006) and freshwaters (Coskun et al., 2018; Schwarz et al., 2007). However, successfully 
implementing DNA-SIP in streams remains particularly challenging. Microbial 
assemblages must be incubated with an adequate amount of isotopically labeled substrate 
to ensure a sufficient density difference between isotopically-labeled DNA and unlabeled 
DNA (Neufeld et al., 2007). However, an unreasonably high substrate concentration may 
not reflect environment conditions, limiting the ability to extrapolate results to ecological 
systems. In addition, incubation must be long enough to ensure that a sufficient amount 
of isotopic label is incorporated into DNA, but short enough to avoid cross-feeding, a 
phenomenon in which taxa that did not assimilate an isotopically labeled substrate 
incorporate the isotopic label into their DNA due to nutrient recycling within the 
assemblages. Despite these potential challenges, DNA-SIP identified bacterial 
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assemblages contributing to organic C processing and the assimilation of different forms 
of N. 
My 13C-hemicellulose DNA-SIP experiment identified distinctly different 
bacterial assemblages metabolizing the common organic C compound under N and/or P 
enriched conditions. While N enabled a small number of abundant families to dominate C 
metabolism, P supported a rich and stable assemblage of C metabolizers and N plus P 
allowed families which were highly abundant at the start of the experiment to dominate C 
metabolism. These results demonstrate the potential for human-induced changes in the 
absolute and relative amounts of N and P in streams worldwide to have unique effects on 
biofilm assemblages contributing to organic C processing. Future DNA-SIP experiments 
can continue to identify biofilm microorganisms actively contributing to C cycling 
processes. For example, time-series 13C DNA-SIP experiments in which samples are 
collected at various time points could track the movement of 13C between autotrophic and 
heterotrophic biofilm constituents. In addition, SIP has served as an important tool in 
bioremediation studies and has been used to identify white rot fungi which degrade the 
anti-inflammatory diclofenac (Badia-Fabregat et al., 2014), wastewater bacteria which 
degrade the antibacterial compound triclosan (Lolas et al., 2012) and soil bacteria which 
degrade the pesticide atrazine (Monard et al., 2011). DNA-SIP could similarly be used to 
identify microorganisms within stream biofilms that contribute to the degradation of the 
numerous contaminants polluting streams worldwide. 
Last, my 15N DNA-SIP experiment revealed key differences between biofilm 
bacterial assemblages that assimilated 15N-ammonium (15NH4
+), 15N-nitrate (15NO3
-) or 
15N-glycine. Although nearly all bacteria can assimilate NH4
+ and the reduced inorganic 
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N form is energetically preferable, 15NH4
+ was metabolized by low abundance families 
with variable abundances, potentially reflecting high autotrophic demand for NH4
+. NO3
-, 
which must be reduced to NH4
+ before assimilation, was metabolized by an unexpectedly 
rich and interconnected bacterial assemblage, suggesting NO3
- may have served as the 
major inorganic N source for biofilm bacteria at our study site, where NO3
- comprised 
67% of dissolved inorganic N. 15N-glycine stimulated several families which were rare in 
biofilms not exposed to 15N, potentially reflecting use of the amino acid as a source of 
both N and C. The distinct biofilm bacterial assemblages that assimilated these different 
N forms provide insight into how biofilm bacterial assemblages may respond to increases 
and changes in the relative amounts of different forms of N in streams worldwide. Future 
DNA-SIP experiments that include both bacteria and algae can examine N preferences 
among these biofilm constituents. In addition, DNA-SIP experiments conducted at sites 
impacted by different levels of human land-use intensity can help us better understand 
how anthropogenic N pollution impacts bacterial N assimilation.  
Biofilm bacteria are an integral component of stream biogeochemical processes 
and can enhance understanding of the impacts of anthropogenic activities on stream 
ecosystems. My results demonstrated the distinctly different effects of nutrients and 
pharmaceuticals on the structure of biofilm bacterial microbiomes and identified bacterial 
assemblages contributing to organic C processing and N assimilation. Together, these 
findings demonstrate the potential for biofilm bacterial assemblages to inform our 
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